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Abstract 
Introduction: One of the challenges with whole grain ingredients, foods and meals is that they 
typically have a shorter shelf-life compared to equivalent products that contain refined grains, without 
a bran layer. This is primarily due to lipid degradation that leads to rancidity and is a major 
impediment to the further development of whole grain products. The consequent reduction in shelf 
life is due to the production of molecules with unpleasant scent and flavour caused by the lipid 
degradation which result from chemical or enzymatic modification of (primarily) bran-based lipids. 
The rate and extent of lipid degradation depends upon many factors including: the composition and 
structure of the seed/grain, the types of lipid present, the moisture content and any external catalysts 
such as the presence of some metals or simply exposure to light.  
Materials and methods: This work includes a comprehensive study of the different biological seed 
groups used in the food industry when creating different whole grain products included under the 
“whole grain” and “whole meal” label. The 11 samples selected were barley, red sorghum, white 
sorghum, teff, red quinoa, white quinoa, buckwheat, sunflower, flax, white chia and black chia. The 
samples (n=1188) were stored ground and intact under three different storage conditions at three 
different temperatures (4, 23, and 38°C) for up to 4 months to examine the reactions occurring in the 
samples: from the fresh seed (fatty acid composition), followed by lipid degradation, from 
hydroperoxides (hydroperoxide value), up to the volatile compounds production (head space analysis) 
at days 0, 2, 5, 10, 15, 20, 30, 60 and 110. Multivariate analysis was performed to identify the 
differences between samples, storage conditions and lipid composition. Based on these results: furan 
2-ethyl-, furan 2-pentyl-, pentanal, heptanal, octanal, nonanal and 2-heptanone are the analytes that 
showed a statistical relation (p<0.05) and were strongly positively correlated with storage time were 
studied in detail. The goal was to find molecules that show a stable increase with time and could 
potentially be good quantitative markers of lipid degradation, so with future work and relating with 
sensory studies they could become markers of rancidity. A selection of samples were then used in an 
experiment to evaluate options to extend the shelf-life of ground whole grains, using natural 
treatments. The samples selected were: barley, quinoa white and flax, and they were treated with 
natural antioxidants (lemon myrtle and rosemary-tocopherol) and thermal treatments (dry heat and 
wet heat), compared with a chemical antioxidant (BHA) during storage for 14weeks at room 
temperature in closed vials. Headspace analysis was performed after 2, 4, 8 and 14weeks.  
Results: The results show that the seed fatty acid composition has a strong impact on lipid stability, 
except in the case of flax and chia black which based on the fatty acid composition should have been 
very unstable but were not. Endogenous antioxidant capacity can result in high stable samples, since 
they play an important role against oxidation and ROS (Reactive Oxygen Species) which may explain 
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this effect.  The results also show a difference between storage conditions, where most of the samples 
stored at 4ºC are more stable than the ones at 23 and 38ºC. Once ground, lipid oxidation was enhanced 
for all samples, for example chia white once ground showed quick lipid degradation even when stored 
at 4ºC. There is a clear separation between botanical origins, so even though cereals and pseudo 
cereals are treated the same in the food industry, they have different responses to storage treatments. 
Therefore, in general they should not be treated as if they were equal since that could reduce the shelf-
life of the product. It has been seen that the state of the raw material is a key factor on the stability 
since there is a big difference between storing the samples ground or intact. 
The markers that showed a positive statistical relation to storage time as well as being common in 
cereals and pseudo cereals are furan 2-ethyl-, furan-2 pentyl-, pentanal, heptanal, octanal, nonanal, 
and 2-heptanone. Further detailed study of these 7 suggests that the best general quantitative markers 
of lipid degradation are furan 2-pentyl and 2-heptanone. These two analytes were quantified and used 
to determine the stability of samples after being treated with natural antioxidants and thermal 
treatments. 
The results from the natural treatments to extend the shelf-life of the ground grains show that 
rosemary-tocopherol extract is the best results followed by dry heat. BHA and wet heat are the least 
effective treatments, in some cases acting as pro-oxidants. From the results of this project, several 
recommendations are made in order to extend the shelf-life of whole grain products and maintain 
high-quality grain ingredients. 
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Chapter 1 Introduction 
After the First and Second World Wars, many European countries suffered a deep economic crisis 
that led them into poverty, and their governments had to take measures to ease hunger. One of the 
solutions was to increase the amount of bran in milled flour to increase the percentage of flour 
extracted from wheat. They were required to dilute the wheat with other grains in the production of 
breads, forcing the population to consume a higher amount of whole grain products, and prohibiting 
the consumption of refined grains amongst the common people (Gazeley & Newell, 2013). When the 
economy started growing, the diet changed also, and the consumption of whole grains decreased, 
substituted with refined grain products. Diets in the 1970’s began to shift towards an increased 
consumption of processed foods, people started eating more away from home and using more edible 
oils, sugars and ultra-processed products (Barry M. Popkin, 2007; Barry M Popkin, Adair, & Ng, 
2012). All these changes and new eating behaviours have resulted in what is called “The epidemic of 
over nutrition” according to the World Health Organization (WHO) (Chopra, Galbraith, & Darnton-
Hill, 2002; Swinburn et al., 2011). 
Since 1980, the Department of Health and Human Services (USDHHS) together with the Department 
of Agriculture (USDA) have been publishing Dietary Guidelines every five years. Encouraging 
consumers to increase their consumption of whole grains has always been a recommendation. On the 
2015 Dietary Guidelines, a more specific recommendation was given, suggesting that at least half of 
a person’s daily intake should come from whole grains (DHHS/USDA, 2015). 
The 2015 US Dietary Guidelines, along with general media attention emphasising the importance of 
whole grains for a healthy diet was, in an historical context, unique. 
Since 2000, many shoppers in developed markets have switched from refined (white) to whole grain 
bread, and other whole grain options (e.g. wild, red and black rice, whole grain biscuits, crackers, and 
cereal bars) (McGill, III, & Devareddy, 2015; Sloan, 2011). The demand of whole grain products has 
increased during the last decade due to the known benefits associated with their consumption (Whole 
Grain Council, 2019). These benefits include reduction in the risk of suffering stroke, diabetes, heart 
disease, asthma and colorectal cancer, and other benefits include better weight management, healthier 
carotid arteries and better blood pressure levels (Whole Grain Council, 2019). Due to this demand for 
whole grain foods, there was a global increase of 56% in whole grain products launched in 2011 
compared to the year 2000 (Whole Grain Council, 2019).  
One of the difficulties with wholegrain foods is that they typically have a shorter shelf life compared 
with products that contain refined grains, without a bran layer. The problem of rancidity is a major 
impediment to the further development of whole grain food products. The reduction in shelf life is 
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due to the production of molecules with unpleasant scent and flavour caused by rancidity which result 
from chemical or enzymatic modification of bran-based lipids (Slavin, 2001). The rate and extent of 
rancidity development depends upon many factors including: the composition and structure of the 
seed/grain, the types of lipid present, the moisture content and any external catalysts such as the 
presence of some metals or simply exposure to light (Desai, 2004) (Chapter 2). 
The goal of the work reported here is to conduct a comprehensive study on the different biological 
seed groups used in the food industry when creating different whole grain products included under 
the “whole grain” label. The aim is to identify differences and similarities in structure and 
composition and relate these to potential treatments to extend the shelf life of products, which is one 
of the main problems the food industry is facing in the whole grain product sector. 
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Chapter 2 Literature Review 
2.1 Introduction 
Consumer demand for whole grain products has increased recently due to their potential health 
benefits, such as reduction in the risk of suffering stroke, diabetes, heart disease, asthma and 
colorectal cancer, while aiding weight and blood pressure management (Whole Grain Council, 2019). 
Due to this increased demand globally, the food industry has adapted and has begun offering more 
whole grain products, with a 56% increase in new whole grain products in 2011 compared to 2000 
(Whole Grain Council, 2015). One of the biggest limitations for whole grain use in the food industry 
is the management of rancidity, which occurs in whole grain cereal products that are rich in lipids 
(Allen & Hamilton, 1994). Specifically, all grains and seeds contain at least some polyunsaturated 
fatty acids (Blahovec, 2002) and these unsaturated bonds represent the reactive centre that produce 
oxidation products, eventually leading to rancidity (deMan, 1999). Rancidity is associated with 
unpalatable odours and/or tastes that consumers find sensorially unacceptable, and it limits the shelf-
life of products (R.-L. L. Heiniö, P; Oksman-Caldentey, K-M; Poutanen, K, 2002; Sjövall, 
Lapveteläinen, Johansson, & Kallio, 1997; St. Angelo, Vercellotti, Jacks, & Legendre, 1996). 
Understanding the mechanisms underlying rancidity in grains is important so that rational prevention 
strategies can be developed. 
The same definition of whole grain has been adopted by organizations such as: FSANZ (Food 
Standards Australia and New Zealand), FDA (Food and Drug Administration), and the EFSA 
(European Food Safety Authority). They state that whole grains 'consist of the intact, ground, cracked 
or flaked caryopsis, whose principal anatomical components - the starchy endosperm, germ and bran 
- are present in the same relative proportions as they exist in the intact caryopsis' (Nutrition & 
Allergies, 2010). There is a difference with whole grain product labelling legislation, since FDA and 
FSANZ state that the product labelled as whole grain must contain the endosperm, germ and bran 
present in the same relative proportion as they exist in the intact grain, but on the other hand, in 
Europe there is not an homogeneous regulation regarding the labelling since that changes depending 
on the country (Whole Grain Council, 2019). 
Many whole grain or whole meal food products contain multigrains like cereals and pseudo cereals 
as well as oil seeds. Some organizations like FDA considers them all grains (FDA, 2018). FSANZ 
does not separate cereals from pseudo cereals in their legislation since they both contain the same 
macronutrient profile, although the Grains & Legumes Nutrition Council separates them into true 
cereal grains, and pseudo cereal grains (Grains & Legumes Nutrition Council, 2019). 
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Although the legislation varies between countries, whole grain products are well known and highly 
consumed worldwide; many of them contain different types of grains including also oil seeds. 
Rancidity research has been done in individual grains and seeds but there has not been a study 
reported that has compared the shelf life of the different botanical groups nor investigated the shelf 
life of a multigrain product and how the multigrain matrix affects product shelf life or the difference 
between products containing intact or ground grains. In this thesis, the whole intact cereal, pseudo 
cereals and seeds will all be referred to as intact grains 
Understanding the mechanisms underlying rancidity in the different types of whole grains from 
different botanical origins and different processing methods is important so that rational prevention 
strategies can be developed. 
The deterioration in grain flavour and odour during storage is typically due to lipid oxidation, which 
creates many small volatile and non-volatile molecules in the product (A. F. Doblado-Maldonado, 
Pike, Sweley, & Rose, 2012; Gaillard, 1994; Goffman & Bergman, 2003b; Welch, 1995). Some of 
the volatile compounds produced are exceptionally odorous compounds so the consequence of lipid 
peroxidation can be detectable in food with unsaturated acyl lipids present as minor constituents, or 
in food in which only a small portion of lipid is subjected to oxidation (Belitz, Grosch, & Schieberle, 
2009). Combinations of different decomposition products give different sensory properties (Fennema, 
2007). Aldehydes, ketones and carboxylic acids are generally thought to be associated with negative 
rancid sensations but other lipid oxidation and decomposition products are associated with positive 
green, sweet and fruity odours in grain (R.-L. Heiniö, Liukkonen, Katina, Myllymäki, & Poutanen, 
2003; Kirchhoff & Schieberle, 2002; Molteberg, Solheim, Dimberg, & Frølich, 1996). Despite 
understanding the importance of these small molecules, most studies on rancidity do not directly 
measure them and there is, as yet, no direct link between particular molecular species and rancid 
odours. Indeed, rationally reducing the prevalence of lipid oxidation faces three large challenges: 1) 
linking the production of specific small molecules to sensory properties, 2) developing methods 
which are able to predict the critical reactions leading to rancidity, and 3) developing methods to 
inhibit specific mechanisms producing rancidity. This review provides information about the state of 
knowledge in oxidative mechanisms which produce rancidity and modify its rate, the most promising 
experimental methods to measure the oxidative process, and which methods are best placed to 
ameliorate or slow particular mechanisms within the oxidative processes that lead to rancidity. 
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2.2 Markers of rancidity 
Understanding the link between the sensory perception and chemical changes due to lipid oxidation 
is complicated by the different fatty acid composition of grains, their physical structure, and the type 
and activity of lipolytic enzymes present in the grains (Allen & Hamilton, 1994). All of these factors 
affect the oxidation rate and the type of oxidation products produced (Desai, 2004). The strongest 
links between sensory perception and oxidative rancidity in grains using marker molecules to indicate 
the progress of oxidation has been found with hexanal. The onset of rancid odours in grains occurs 
when hexanal concentration is between 5 and 10 mg/Kg (Fritsch & Gale, 1977).  This is effective in  
wholegrains and seeds due to their high linoleate concentration (Fritsch & Gale, 1977) which 
preferentially forms hexanal, making generalisation to wholegrains that include large concentrations 
of other fatty acids difficult. Despite this correlation with rancidity, hexanal itself has very little odour 
but is perceived with a large cocktail of other small molecules, which can only be identified by 
understanding the oxidative mechanisms through detailed chemical characterisation. The lack of a 
detailed understanding of rancidity chemistry makes the development of food products including non-
traditional grains or seeds, like ancient grains, particularly difficult. Whole grain foods contain high 
quality fatty acids like mono-unsaturated fatty acids, but their susceptibility to, and products of, 
rancidity are poorly understood. The majority of research relating grain composition and enzyme 
activity to rancidity, and decreasing rancidity via different treatments, has focused on common grains 
like rice (Amarasinghe, 2009; da Silva, 2006; Goffman & Bergman, 2003a; Gopinger, 2015; 
Malekian et al., 2000; Mujahid A, 2005; Nordin, 2014; Prabhakar, 1986; Sharma, 2004) and wheat 
(A. Doblado-Maldonado, Arndt, & Rose, 2012; Posner & Hibbs, 2005; Srivastava, 2007; B. Xu et 
al., 2013). However, there is a gap in how to manage rancidity in other grains and seeds. By evaluating 
the methods that are successful in measuring the different processes during the development of 
rancidity in common grains, an experimental platform could be built to understand the most important 
factors for rancidity in non-traditional grains. Indeed, by developing a more comprehensive 
understanding of a wide variety of grains and seeds, it may be possible to predict what the rate and 
result of rancidity is in different grains, by knowing defined information, such as the fatty acid 
composition, the level of grain damage or the concentration of endogenous anti-oxidants. 
The ability to predict the critical rate determining steps in the formation of rancidity, would allow 
interventions to prevent rancidity more efficiently. The methods most commonly used to reduce the 
development of rancidity are reviewed along with their mechanisms of action, as well as the gaps in 
treatment methods, and potential new mechanisms of preventing rancidity. 
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2.3 Mechanisms of oxidative rancidity 
Lipid oxidation can be broadly separated into three processes, initiation, propagation, and termination 
(Figure 2-1). Initiation refers to the process which converts a non-reactive fatty acid into a reactive 
lipid peroxide, via an intermediate lipid radical, and is governed by either auto-oxidation or enzymatic 
oxidation. The propagation process is the reaction of a lipid peroxide with another lipid producing a 
lipid hydroperoxide and a lipid radical. The propagation process is accelerated by the hydroperoxide 
molecules which decompose into two new reactive radicals leading to the formation of additional 
peroxide species. The termination process occurs via one of three mechanisms: 1) the interaction of 
two radicals resulting in one or two stable molecules, 2) the decomposition of an alkoxyl radical, 
produced via hydroperoxide breakdown, which reduces the lipid molecule into two smaller non-
reactive molecules, or 3) the hydrolysis of the hydroperoxide via the enzyme hydroperoxide lyase. 
 
Figure 2-1. Kinetic curve of autooxidation of polyunsaturated fatty acids (adapted from Kamal-Eldin, 2003) 
Figure 2-1 illustrates the changing concentration of the major molecular species over time. At first, 
there is a slow decrease in the amount of unsaturated lipids as they are converted into lipid radicals 
and peroxide molecules, whilst the anti-oxidants that quench radicals are consumed, preventing 
propagation. Once propagation begins to produce hydroperoxides more rapidly, their proportion 
increases and consequently reduces the amount of unsaturated lipids. The termination reactions 
produce volatile and non-volatile secondary oxidation products removing reactive hydroperoxides 
from the system, and these largely stable molecules begin to accumulate. Once the odour threshold 
for certain secondary oxidation products is exceeded, consumers may experience rancidity. Figure 
2-2 shows a schematic diagram of the auto-oxidative mechanisms that lead to rancidity, while Figure 
2-3shows a schematic diagram of the enzymatic mechanisms that produce oxidation that leads to 
rancidity. The complexity of the mechanisms of these steps, and the factors which affect their kinetics, 
will result in different volatile and non-volatile products, and these are reviewed below considering 
the three major processes: initiation, propagation and termination. 
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Figure 2-2. Lipids auto oxidation steps and reactions. 
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Figure 2-3. Enzymatic oxidation process of linoleic and linolenic acid by 9 and 13 lipoxygenases and hydroperoxide lyase.
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 Initiation 
 Factors which affect both oxidative mechanisms at initiation 
The first step in oxidation is the production of lipid peroxides, and the initial rates of enzymatic and 
auto-oxidative peroxidation are strongly tied to the physical, chemical and biological properties of 
the lipids and the grain. If the intact grain is damaged by harvesting, transport or milling (Blahovec, 
2002), cell compartmentalisation breaks down allowing lipolytic enzymes to interact more easily with 
oil that was previously stored in spherosomes or oil bodies (Suzuki, 2011). The oil that is released is 
also more likely to contact atmospheric oxygen and pro-oxidants, such as UV or metals, which 
enhance initiation (A. Doblado-Maldonado et al., 2012). Variations in the chemical composition of 
the lipids, such as the number of conjugated double bonds and whether they are present as free fatty 
acids or as a part of mono-, di- or tri-acylglycerides, will affect the susceptibility of lipids to oxidation 
(deMan, 1999; Desai, 2004). The nature and amount of natural antioxidants present in the grain can 
limit or prevent oxidative rancidity; common examples are ascorbic acid, tocopherols and phenolic 
acids (Ixtaina, 2012; Kasote, 2013; Nordin, 2014; Pellegrini et al., 2006). Triacylglycerols (TGs) with 
an unsaturated fatty acid in the 1- or 3- position oxidize more rapidly than TGs with an unsaturated 
acyl residue in the more protected 2-position (Xuebing Xu, 2000; X. Xu, Balchen, Høy, & Adler-
Nissen, 1998). Finally, the relative rates, concentrations and locations of hydrolytic and lipolytic 
enzymes vary from grain to grain and can alter the initiation of lipid degradation within the grain 
(Barros, Fleuri, & Macedo, 2010). 
Lipase catalyses the hydrolysis of tri-, di- and monoacylglycerols to produce free fatty acids and 
glycerol, a general schematic of this is shown in Figure 2-4. These FFAs are better substrates for the 
catalytic oxidation of lipoxygenase and are more chemically unstable in the presence of pro-oxidants 
than the parent TGs (E. N. Frankel, 2012b). There are two main types of lipase: the 1,3 specific lipases 
which preferentially remove fatty acids from the 1 or 3 position on the glycerol, and the non-specific 
lipases which affect all fatty acids evenly (Barros et al., 2010). Depending on the variety or the grain, 
the proportion of specific and non-specific lipase may vary. All cereals have lipase activity, however 
the lipase activity varies widely between different cereals, for example, wheat and barley have higher 
lipase activities than oats and pearl millet (Rooney, Serna, & Kulp, 2000). 
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Figure 2-4. Lipase hydrolysis reaction. Production of free fatty acids from triacylglycerol. 
 Auto-oxidative initiation  
The first step in auto-oxidation is the abstraction of hydrogen from a fatty acid at a carbon adjacent 
to the double bond in an unsaturated fatty acid, where the covalent bond strength between hydrogen 
and its methylene carbon is less. After this initial hydrogen abstraction, the energy of the resulting 
alkyl radical decreases by isomerization to form conjugated double bonds. The alkyl radical then 
reacts with atmospheric oxygen and forms a peroxyl radical (Figure 2-3). UV radiation accelerates 
the initiation rate, especially in the presence of photosensitisers like chlorophyll, pheophytins and 
riboflavin. The photosensitiser absorbs the visible radiation or ultraviolet energy and becomes an 
unstable, excited, singlet- state molecule (J. M. Lee, David B, 2009; Min & Boff, 2002). The number 
of conjugated double bonds in a fatty acid increases the auto-oxidative rate dramatically as the rate 
ratio of stearic acid (0 double bonds): oleic acid (1 double bond): linoleic acid (2 double bonds): 
linolenic acid (3 double bonds) is 1:100:1200:2500 (deMan, 1999; Desai, 2004). More double bonds 
in the FAs increases the susceptibility to oxidation, due to the addition of more methylene-interrupted 
carbon reaction sites (Barden & Decker, 2016). Also susceptibility increases if the double bonds are 
-cis rather than –trans (Sargis & Subbaiah, 2003). 
 Enzymatic initiation 
The formation of peroxide radicals via enzymatic processes is catalysed by lipoxygenase (LOX) in 
its oxidised form (Fe3+), which removes the hydrogen from a specific carbon –depending on the LOX- 
and inserts molecular oxygen at the active site (Baysal & Demirdöven, 2007). There are different 
types, or isozymes of LOX (LOX-1, LOX-2, and LOX-3) and depending on their botanic source, 
their specificity and rate of action will change. The generalizations that can be made are that they all 
oxidize unsaturated fatty acids, forming peroxides, and that there are two main common isoforms of 
lipoxygenase, 9-lipoxygenase and 13-lipoxygenase, which affect the 9th and 13th carbon in the fatty 
acid respectively. Their mode of action is displayed in Figure 2-3 (Baysal & Demirdöven, 2007). This 
variation in catalytic action means that some LOX enzymes will just catalyse the reaction on free 
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unsaturated fatty acids (MUFA and PUFA), others can also affect intact TAG, others will react just 
with PUFA, and others will act on all unsaturated fatty acids in a TAG (Baysal & Demirdöven, 2007; 
Malekian et al., 2000). The different isozymes catalyse the abstraction of hydrogen and insertion of 
oxygen at different positions along the hydrocarbon chain, with some isozymes affecting the 9th or 
13th carbon while others affect both in different ratios. An appropriate example could be the different 
soy isozymes: isozyme 1 only acts on FFA affecting the 9th as well as the 13th carbon in a ratio of 1:9. 
Isozyme 2 acts on TAG as well as FFA affecting the 9th and 13th carbons in the ratio of 1:1. Isozyme 
3 activity is inhibited by calcium ions where isozyme 2 is stimulated by that metal (Boyington, 
Gaffney, & Amzel, 1993). In different grains, plants, fruits, the LOX isozymes can be classified 
according to their specificities. 
 Propagation 
All propagation and branching steps result from auto-oxidative processes operating on the peroxides 
formed in the initiation step. The peroxide radical has enough energy to contribute to the abstraction 
of hydrogen from another unsaturated FA forming a lipid radical and a lipid hydroperoxide (ROOH). 
In propagation, the lipid radical reacts with atmospheric oxygen, forming a new lipid peroxide, and 
via the repetition of this reaction, forms many different lipid hydroperoxide molecules (Figure 2-5). 
The oxidative mechanism of branching is caused by the decomposition of hydroperoxides to form 
additional reactive species. Figure 2-5 and 6 show three possible mechanisms for the hydroperoxide 
to decompose, to produce either an alkoxyl radical or a hydroxyl radical. During these reactions, the 
abstraction of a hydrogen radical via metals produces a peroxide radical (ROO•). Alternatively, the 
abstraction of a hydroxyl radical (•OH), again leaves an alkoxyl radical (RO•). The result is the 
formation of peroxide radicals which can then react with other lipids (RH) to produce additional lipid 
radicals(R•) as well as stable lipid alcohols (ROH). Via this mechanism the number of hydroperoxides 
can rapidly accelerate (Eskin and Shahidi, 2012). This decomposition of hydroperoxides is due to β-
scission reactions causing the breaking down of the lipid hydroperoxides(ROOH) into alkoxyl 
radicals(RO•) and hydroxyl radicals (•OH) (Barden & Decker, 2016) as well as producing the 
termination products (Figure 2-5). These reactions happens by homolytic cleavage of the 
oxygen−oxygen (O−O) bond. The activation energy needed to cleave this O−O bond is 46 kcal/mol, 
lower than the energy to cleave the O−H bond (Choe & Min, 2006). This step represents the formation 
of a second free radical that can attack additional FAs (RH) (Figure 2-3 and Figure 2-5) and cause an 
exponential increase in oxidation rates. Metals as well as high temperatures and UV light accelerate  
hydroperoxide decomposition (Choe & Min, 2006). 
 
12 
 
 
Figure 2-5. Propagation and branching steps in the lipid oxidation (adapted from Eskin and Shahidi, 2012). 
 Termination. 
Termination occurs largely via three mechanisms: 1) the interaction of free-radical species with free 
radical scavenging anti-oxidants, which halt the propagation and branching of peroxide and 
hydroperoxide decomposition products, preventing rancidity; 2) the β-scission reaction discussed 
above; and, 3) hydroperoxide lyase catalysing the decomposition of hydroperoxides into two smaller 
molecules (Figure 2-4). 
 Auto-oxidation 
Alkoxyl radicals are high energy allowing them to break the aliphatic chain of the fatty acid, 
producing what are known as secondary products of oxidation: small stable molecules like ketones, 
alcohols, hydrocarbons, aldehydes, acids and esters (Figure 2-3). 
Several possible sites of oxidation cause by radical rearrangements following hydrogen abstraction 
at bis-allylic site has been proposed over the years. The chemical mechanisms that lead to cleavage 
of a carbon-carbon bond in the fatty acyl chain can be broadly classified into the following 3 types: 
reduction of the hydroperoxide to an alkoxyl radical by a reducing metal (e.g. Fe2+) followed by β-
scission. In these reactions, the presence of a reducing metal is needed (Figure 2-6 A). The second 
type is Hock rearrangement of a hydroperoxide (Figure 2-6), entailing an acidified hydroperoxide (-
OH2
+) acting as a leaving group, and migration of a C-C to a C-O bond and cleavage. The third type 
requires more than 1 double bond in the fatty acid for the formation and cleavage of the dioxetane 
(Figure 2-6C), especially via peroxycyclization reactions (Spickett, 2013). The numerous end 
products from this reaction are dependent on the fatty acid, the position of the hydroperoxide relative 
to the double bonds, and the chain length of the fatty acid. As examples of the end products from 
auto-oxidation, Table 2-1 shows the derived decomposition products of the most common unsaturated 
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fatty acids in grains and seeds. Each fatty acid will produce different volatile compounds and/or in 
different quantity. 
 
Figure 2-6. Generic mechanism of cleavage of oxidized fatty acyl chain (Spicket 2013). 
B 
C 
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Table 2-1. Volatile compounds formed by autooidation of the most common unsaturated fatty acids (μg/g)a  (HD Belitz, 2009). 
 
 
 Enzymatic termination 
 Hydroperoxide lyase (HPL)  
Hydroperoxide lyase hydrolyses the hydroperoxides (Gigot et al., 2010; Matsui, 2006) and forms 
volatile short-chain aldehydes, alcohols, ketones, and other secondary products (Figure 2-3) causing 
bitter and rancid flavours that can be a quality-limiting factor for food (Ng, Anderson, Coker, & 
Ondrus, 2007; Stephany, Bader-Mittermaier, Schweiggert-Weisz, & Carle, 2015; B. Xu et al., 2013). 
Two different type of substrates for plant HPL are known: 13-and 9-hydroperoxy linoleic or linolenic 
acids. Plant hydroperoxide lyases differ in their specificities, some acting only on 9-hydroperoxides 
or 13-hydroperoxides (Conn, 1990) while  others act on both depending on the grain/seed (Conn, 
1990; Noordermeer, Veldink, & Vliegenthart, 1999; Stumpe & Feussner, 2006). Hydroperoxide lyase 
performs either a homolytic or heterolytic cleavage of hydroperoxides, yielding different short-chain 
volatile compounds represented in Figure 2-3 (Combet et al., 2006). 
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 Modifying the secondary products of oxidation 
The volatile compounds produced by HPL can undergo further enzymatic reactions catalysed by 
isomerase (ISO) and alcohol dehydrogenase (ADH) to form new volatile products. ISO converts one 
isomer to another, which means that the end product will have the same molecular formula but 
different physical structure. Isomers are classified as stereoisomers or structural isomers. Structural 
isomers have a different ordering of bonds and/or different bond connectivity from one another 
(McNaught & McNaught, 1997), as can be appreciated in Figure 2-3. On the other hand, ADH reduces 
unsaturated aldehydes and ketones to the corresponding unsaturated alcohols (Ying et al., 2014), 
stabilising the volatile compounds, since they will not react further. 
 Interaction of secondary products with proteins 
Most of the secondary products of oxidation influence the physio-chemical properties of food 
proteins. Lipid aldehydes can react with the side chains of specific amino acid residues by either 
Michael addition or Schiff base reactions. From the 20 biologically-derived amino acids, the ones 
containing aromatic side chains (tryptophan, tyrosine, and phenylalanine) or nucleophilic sulphur -
containing side chains (cysteine and methionine) are the most reactive ones (Elias, Kellerby, & 
Decker, 2008). In those cases, the hydrogen is easily abstracted. The oxidative modification of a 
particular amino acid can produce a variety of products like oxyacids (Davies & Dean, 1997). 
Carbonyl compounds derived from unsaturated lipids readily condense with protein amino groups to 
produce imine Schiff bases (Elias et al., 2008; Zamora & Hidalgo, 2005). In general, polyunsaturated 
aldehydes are more unstable and for that reason will react with proteins faster than  saturated 
aldehydes (Chan, Faustman, & Decker, 1997; Zhou & Decker, 1999). Schiff bases polymerize by 
aldol condensation and produce dimers and complex high-molecular weight, brown macromolecules, 
through the complex Maillard reaction. These macromolecules are often unstable and can generate 
new volatile compounds by scission (Zamora & Hidalgo, 2005). There are many reactive centres 
present in the main chain and also in the side chain, that can form furans or heterocyclic amines (Kato 
and Tsuchida, 1981), by intramolecular cyclisation (Zamora & Hidalgo, 2005). 
2.4 Monitoring oxidative processes as a rancidity indicator.  
Rancidity is a sensory property, but sensory panels are unable to measure routinely and objectively 
the causes of rancidity that may vary in different grain systems, so instrumental methods have been 
developed to address this. Analytical methods can measure any of the oxidative products described 
in the mechanisms, however, the most appropriate metabolites to quantify are likely to vary 
depending on grain type and process history. This makes it difficult to use any single one of the many 
current chemical and instrumental platforms for metabolite quantification in all foods. The majority 
of these methods have been developed for pure oil systems and therefore require an extraction process 
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to be applied to grain systems. This often involves grinding followed by cold extraction with a suitable 
hydrophobic solvent (e.g., chloroform, methanol or hexane ) and filtration (Wrolstad, 2005). Free 
fatty acids and the peroxide value are widely used for quality control and have been codified in the 
standard methods of the British Standards Institution (ISO/TC, 2015) and the American Oil Chemists 
Society (AOCS, 2017). Of these methods FFA measurement is indirect, only showing a potential rate 
increase in oxidation, while the peroxide value can be ambiguous due to its increase with primary 
oxidation followed by its decrease as secondary oxidation products accumulate (Figure 2-1). These 
methods and other less commonly used methods are detailed here. 
 Indirect methods 
As rancidity development is a multi-stage process (Figure 2-1), the choice of analytical methods used 
will depend on the information required to understand a specific step in the process. For instance, 
measurement of FFA by titration (AOCS, 2009a) may show the potential for rancidity development, 
so it could be a predictor of rancidity. However, there is not a direct relationship with rancidity 
because even though FFAs are more susceptible to rancidity (EN. Frankel, 2014), there may be 
antioxidants present or there may be no pro-oxidant agents. 
Unsaturated fatty acids are the most oxidatively-reactive lipids.  By measuring the decline in the 
number of these over time, provides an indirect measure of lipid oxidation. The gold standard for this 
is to derivatise lipids, extracted from food, into methyl esters after conversion of MG, DG or TG into 
free fatty acids, and then to analyse these using chromatographic analysis like gas chromatography 
(Akoh, 2008; F. Z. Shahidi, Ying, 2005). An alternative method is to use the iodine value (IV) as a 
predictor of lipid oxidation (F. Z. Shahidi, Ying, 2005). IV measures the average amount of 
unsaturation of fats and oils and is expressed in terms of the amount of iodine absorbed per gram of 
sample, and detected using UV/Vis spectroscopy (% iodine absorbed) (AOCS, 1992, 2009b). It is 
expected that there will be a reduction in the amount of unsaturation during the process of lipid 
oxidation (Figure 2-1). Many chemical methods for determining IV have limited applicability and/or 
are not very reliable as stated in the official methods (AOCS, 1997, 2009b). It has also been reported 
that IV results can be influenced by the presence of accompanying molecules such as carotenes and 
squalene and starch (Knothe, 2002; Stawski, 2008), decreasing the reliability of this method  due to 
the possibility of false positive results. 
 First oxidation products: peroxides and hydroperoxides. 
The continuous formation of hydroperoxides, the primary oxidation products that then break down to 
a variety of volatile and non-volatile secondary products (Figure 2-1), can be measured to give the 
peroxide value (PV) (Böttcher, Steinhäuser, & Drusch, 2015; Velasco, 2002). The concentration of 
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hydroperoxides is related to the rate of hydroperoxide formation and the rate of hydroperoxide 
breakdown into secondary products over time. The peroxide value (PV), measures the redox 
properties of lipid-peroxides and is used in a variety of different methods to provide an indicator of 
the initial stages of oxidative degradation (Barriuso, 2013). The most frequently used methods to 
measure PV value are: ferric ion complex measurement spectrophotometry, infrared spectroscopy 
and iodometric titration (DeLong, 2002; Eymard, 2003; Jiang, Woollard, & Wolff, 1991; Velasco, 
2002). In the FOX2 assay (ferrous oxidation in xylenol orange, version 2) (DeLong, 2002), the ferric 
ion complex formed by reaction with hydroperoxide is measured as the absorbance of the FOX2 
reagent with the prepared sample at 560 nm. It has been reported that this method has high sensitivity, 
better than the iodometric  method (Yildiz, Wehling, & Cuppett, 2003). The iodometric titration 
method is the American Oil Chemists’ Society (AOCS) official method Cd 8-53, but it requires a  
larger sample size of oil (minimum 5 g) and is not as sensitive as spectrometric methods (FOX2 
method) (Jiang et al., 1991). Near Infra-Red (NIR) spectroscopy is comparable-in terms of sensitivity- 
to the AOCS standard titration method allowing the use of less sample (Yildiz, Wehling, & Cuppett, 
2001), but the FOX2 method is simple, fast, and economical (Yildiz et al., 2003). Peroxides are not 
stable, and care must be taken in handling and testing samples. There are no specific guidelines 
relating peroxide value to rancidity, as moderate values may be the result of peroxide production or 
the subsequent decomposition of peroxides that had reached high concentrations (Figure 2-1). 
The problem with measuring peroxides as an oxidative indicator is that grains and seeds are a complex 
matrix with different fatty acid compositions and each one of them has a different oxidation rate. This 
means that when peroxide levels increase, they will reach a point after which they will decrease by 
transformation into secondary oxidation products, giving a false negative result. As an example, in a 
complex matrix with diverse fatty acid composition, fatty acid 18:3 would decrease relatively rapidly 
due to transformation into secondary oxidation products, whereas 18:0 peroxides, which are formed 
2500 times slower than for 18:3 (deMan, 1999; Desai, 2004), will only start being formed when 18:3 
is already producing off-odour molecules. For this reason, total peroxide quantification is an 
ambiguous general method to measure rancidity. 
 Secondary oxidation products.  
The high diversity in the chemical structures and properties of the secondary products of oxidation 
makes it very challenging to define accurate methods for the measurement of secondary oxidation 
products, as they typically measure a single or specific group of molecules. Marker molecules all 
have the same problems, their measurement depends on the production of the marker molecule being 
consistent across products. In general, they are reasonable approximations for the same product as it 
becomes more rancid but are not able to compare two different products accurately, as they may 
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produce the marker molecule in different proportions. It is currently difficult to assess the success of 
marker molecule methods, as there is no alternative to the use of sensory panels for assessing rancidity 
and calibrating against marker molecule concentrations. A further complication is that sensorially 
relevant secondary oxidation products include many volatile molecules and within this group there 
are volatile compounds that are more readily detected sensorially than others, because their odour 
threshold is lower (Czerny et al., 2008). Empirical approaches that have some level of correlation 
with rancidity are frequently used as markers in quality control to provide an estimate of rancidity 
(Lam & Proctor, 2003). There are fewer methods which directly measure a particular compound that 
can be used to observe the differences between the rancidity experienced by different grains. We 
review the most commonly utilised methods and highlight where additional development is necessary 
to pursue rational prevention of rancidity. 
The p-Anisidine Value (p-AnV) method measures the content of aldehydes, principally 2-alkenals 
and 2,4-alkadienals, that are produced during the decomposition of hydroperoxides. It is based on the 
reaction of p-methoxyaniline (anisidine) and aldehydic compounds under acidic conditions to form 
yellow compounds that, measured spectroscopically, will absorb at a wavelength of 350 nm (Jan, 
Nedyalka, & Michael, 2001; F. Z. Shahidi, Ying, 2005). The colour is quantified and converted to p-
AnV which is defined as the absorbance of a solution resulting from the reaction of 1 g of fat in 
isooctane solution (100 ml) with p-anisidine (in 0.25% acetic acid glacial). This test is more sensitive 
to unsaturated aldehydes than to saturated aldehydes because the unsaturated aldehydes absorb more 
strongly at 350 nm (Jan et al., 2001). The p-AnV method does not represent all of the potential 
secondary oxidation products, including ketones, carboxylic acids and alcohols, due to its specificity 
for 2-alkenals and 2,4-dienals (AOCS, 2011). This may cause problems if the structure and 
composition of the fatty acids which make up the grain sample lead to a greater or lesser number of 
alkenals compared to other secondary oxidation products. 
The Totox value (defined as anisidine value + 2 peroxide value) is an empirical measure of the non-
volatile carbonyl and peroxide compounds present in the grain and it is used to indicate a lipid-based 
product’s overall oxidation state. This method suffers from both of the weaknesses of its component 
methods but is frequently used in industry, for example the GOED (Global Organization of EPA and 
DHA, omega3) defines good quality oil as having a Totox value of less than 26. 
2-Thiobarbituric Acid Reactive Substances (TBARS) occur naturally in lipid matrices and include 
lipid hydroperoxides and aldehydes. 2-thiobarbituric acid (TBA) reacts with malonaldehyde (MDA), 
which is a compound that results from the decomposition of PUFA lipid peroxides (Adams, Kimpe, 
& Boekel, 2008). The reaction products of TBA and MDA can be measured spectroscopically at 
532nm. TBARS is a well-recognized and established method for quantifying lipid decomposition. It 
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has however been criticised for its reactivity towards other compounds producing interfering 
spectroscopic intensity (Papastergiadis, Mubiru, Van Langenhove, & De Meulenaer, 2012). The 
evolution of these different reaction products varies in rate depending on the fatty acid composition 
and can also be influenced by molecules with a non-lipidic origin, leaving TBARS as useable only as 
a general marker for oxidation (E. N. Frankel & Neff, 1983). 
All of the commonly used methods that measure the non-volatile secondary products of oxidation are 
limited by their inability to differentiate between particular compounds and their inability to capture 
the whole range of oxidative products that are produced. This limits the ability to link sensory 
perceptions of rancidity occurring in the mouth, either through retronasal olfaction or flavour 
detection on the tongue, to its origins. 
The small volatile molecules responsible for perceived rancidity are secondary products of lipid 
oxidation and are often the result of several consecutive oxidation steps. By understanding their 
development, the intermediate steps in producing the great diversity of functional groups such as 
alkanes, alcohols, carboxylic acids, aldehydes and ketones that result in rancidity, may provide new 
targets to reduce the perception of rancidity. As shown in Table 2-1 and Figure 2-3, some of these 
secondary products of oxidation are volatile compounds, which can be measured by GC-MS and are 
specific to the oxidative degradation of a particular PUFA family. For example, propanal is the main 
marker of auto-oxidation of ω-3 fatty acids – alpha linolenic acid C18:3 (ALA), eicosapentaenoic 
acid C20:5 (EPA) and docosahexaenoic acid C22:6 (DHA), while hexanal and pentanal are markers 
of oxidation of ω-6 fatty acids-linoleic acid C18:2 (LA), gamma-linolenic acid 18:3 (GLA), 
eicosadienoic acid C20:2 (EDA). Since most of the unsaturated lipids present in food are ω-6 and ω-
3, hexanal and propanal are often used as indicators of overall lipid oxidation in foods. Due to their 
lack of double bonds they are more stable and can be easily quantified in headspace analyses. Overall, 
hexanal is the most frequently measured as its formation is higher than most of the secondary 
oxidative products (Belitz et al., 2009; EN Frankel, Neff, & Selke, 1981; Heydanek & McGorrin, 
1981; Sanches-Silva, Rodríguez-Bernaldo de Quirós, López-Hernández, & Paseiro-Losada, 2004), 
with only a few exceptions related to the FA composition (Laguerre, Lecomte, & Villeneuve, 2007). 
However, the simultaneous analytical measurement of a large set of compounds is possible using gas 
chromatography to separate the volatile molecules and mass spectrometry to identify them (Barriuso, 
2013). In this method, desorption of volatile compounds is usually achieved stepwise with a 
temperature gradient. At low temperatures, any traces of water are removed by elution, while at 
elevated temperatures, the volatile compounds are released and flushed out by a carrier gas into a 
cold jet,  connected to a gas chromatograph (Belitz et al., 2009; Rouseff & Cadwallader, 2001).The 
static headspace method is rapid and suitable for routine consecutive analyses of many samples as it 
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does not require cleaning between sample injections since the non-volatile portion of the sample 
remains in the vial. Since this method is applicable to a wide range of liquid, solid and semi-solid 
samples without any previous manipulation, complex food systems can be analysed directly. This is 
an important advantage to measuring rancidity status over the other methods, which require solvent 
extraction of the lipids from food matrix or biological systems (E. N. Frankel, 2012a; Schaich, 2016). 
The main disadvantages of the static headspace method are i) the difficulty of reaching complete 
equilibrium with viscous and semi-solid samples, ii) compounds such as PUFAs that can be more 
susceptible decomposing during the equilibration-heating step (Bogusz, 2015; Xie, 2015), and 
challenges to identification and quantification of analytes without having the specific standard for 
each analyte. 
2.5 Effective treatments and mechanisms of action  
The β-scission decomposition of hydroperoxides into small volatile and non-volatile molecules is 
largely uncontrollable, so interventions generally attempt to prevent the production of the 
hydroperoxides. This prevention via technological interventions during processing or storage can 
target different oxidative mechanisms: 1) slowing initiation of the formation of lipid hydroperoxides, 
2) reducing lipid peroxide propagation and branching, or 3) increasing the rate of lipid oxidation 
termination prior to the formation of the small molecules which produce sensations of rancidity. 
Preventative interventions become more important when the grain/seed is damaged during harvesting 
or if it is used in a flaked or ground flour form. This is because destroying cell compartmentalization 
leads to an increase in oxygen-lipid interactions (A. Doblado-Maldonado et al., 2012). Cultivar, 
farming techniques, milling conditions and the degree of milling are factors that affect the stability 
of the grains/seeds. The extent of damage in mechanical processes (harvesting and transport for 
example) depends on the mechanical strength of the grain/seed. This strength differs with variety as 
well as maturity, with immature seeds more likely to suffer mechanical damage that increases 
oxidation rate (Blahovec, 2002). During milling, lipase is released, which degrades the TGs, resulting 
in increased FFA within short storage times (G. H. Zhang, BR, 2005). As particle size is reduced, 
oxidative rancidity is enhanced by increasing the surface area both for oxygen exposure, and coating 
with redistributed lipids (A. Doblado-Maldonado et al., 2012). All these mechanisms affect the 
physicochemical properties of the stored flour. 
The most commonly used methods to reduce the rate of oxidative initiation are the inactivation of 
lipase and lipoxygenase via either heat or chemical treatments. The reduction of the propagation rate 
is achieved largely via reducing the concentration of molecular O2 or by reducing the storage 
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temperature (Malekian et al., 2000; Nordin, 2014). Increasing the rate of termination is the result of 
free radical scavenging anti-oxidants which may be endogenous to the grain or applied via processing. 
 Preventing Initiation  
Most treatments to increase the storage stability of grains and seeds have aimed to inactivate lipase 
and/or lipoxygenase enzyme activity. Enzymatic rancidity can be prevented by denaturing enzymes, 
rendering them inert, or by creating conditions unsuitable for enzyme activity, such as low water 
content or a chemical environment which limits catalytic effect. 
The majority of studies on rancidity in whole grains have proposed methods to control or reduce the 
effect of the rancidity in crops. Some of these methods are: microwaving (Malekian et al., 2000; 
Nordin, 2014), steaming/parboiling to inactivate the lipolytic enzymes, and dry heat to partially 
inactivate the enzymes (Amarasinghe, 2009; da Silva, 2006; Mujahid A, 2005; Sharma, 2004; 
Srivastava, 2007; Wijngaard HH, 2006). Toasting, dry-heating, infrared heating and hot air steaming 
all inactivate lipase and lipoxygenase activity by  80-92%,  stabilising wheat germ for 60 days storage 
at room temperature (Srivastava, 2007). The improvement in storage stability obtained by each of the 
treatments depends on the conditions used, for example Kim et al. (2013) showed that heat treatment 
was not effective in enhancing the oxidative stability of rice bran oil when applied for 30 min at 120oC 
(Kim, 2013). While Lacerda et al. (2013) used wet heating treatments to decrease the lipase activity 
of rice bran by parboiling(steaming) the product, stabilising it for 150 days storage at room 
temperature (Lacerda, 2013). Amarasinghe et al. (2009) showed a greater reduction of rancidity in 
rice bran using a steaming method, than when using a dry heating method (Amarasinghe, 2009).  The 
treatment  that showed best results was,  in all cases, wet heat, probably due to effective heat transfer, 
since wet heat can achieve higher heat-transfer rates than dry heat (Mehrabian & Samadi, 2010). 
Chemical treatments have been used to control enzymatic rancidity. Hydrochloric acid (40 ml/kg) has 
been used to inactivate lipase in rice (Nordin, 2014) and rice bran (Prabhakar, 1986), preventing 
increases in free fatty acids after 4 and 3 months of storage at 4°C and room temperature respectively. 
Another acid system used to stabilize whole rice bran was a 1:1 mixture of acetic acid and propionic 
acid, which resulted in higher gross energy values, smaller lipid acidity increase, less primary and 
secondary lipid oxidation product formation, and colour stability after 120 days of storage (Gopinger, 
2015). It is been shown that NaCl can affect lipase activity depending on the sensitivity to salt (Kunst, 
1995). Doblado-Maldonado et al. (2012) applied NaCl solutions during wheat conditioning (flour 
preparation) showing inhibition of lipase activity after 24 weeks of storage at 40°C (A. Doblado-
Maldonado et al., 2012). 
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 Preventing propagation 
All oxidation steps require molecular O2 to form a peroxide from a lipid radical. Preventing this 
requires achieving levels of 1% O2 or lower. However, there are significant technical and economic 
challenges in achieving and maintaining O2 levels below 1% in food packaging (Allen & Hamilton, 
1994). Even though it can be challenging, restricting oxygen access as much as possible to rice bran 
was equally effective when using zipper-top bags or vacuum packaging. These methods reduced the 
enzyme activity, making the product more stable even after 14 weeks, as judged by measuring FFA, 
lipase and lipoxygenase activity as well as colour stability (Malekian et al., 2000). 
Refrigeration showed a greater decrease in rancidity than steaming or dry heating in rice bran when 
measuring FFA, Iodine Value and Peroxide value (Amarasinghe, 2009). Another study showed 
similar rancidity reductions when refrigerating and parboiling rice bran, but they also showed that 
microwaving was as effective as refrigeration, and that using both techniques in tandem gave the 
bests results when compared to either single treatments when measuring FFA and lipase and 
lipoxygenase activity (Malekian et al., 2000). 
 Promoting termination with antioxidants 
Protection from lipid oxidation is a critical factor in food quality, and antioxidants have been taken 
as an approach to solve this problem (F. Anwar, Bhanger, & Kazi, 2000). Synthetic antioxidants are 
commonly used effectively in the food industry, but some of them have different levels of toxicity, 
limiting their usage and creating mistrust amongst consumers; this has led to a greater focus on the 
use of natural antioxidants (Ito et al., 1986; Pokorný, 2007; Yu, Mandlekar, & Kong, 2000). 
Karthikeyan et al. (2003) showed a reduction of 30-50% in lipid peroxidation using different pepper 
plant species (Karthikeyan, 2003). On the other hand, some antioxidants can apparently be lipid –
specific, like tocopherol, rosemary or green tea extracts, which have shown no benefit when added to 
chia seed (Salvia hispanica L.) oil, but are effective when added to food matrices containing long-
chain n-3 fatty acids like docosahexaenoic acid (DHA) and  eicosapentaenoic acid (EPA) (Bhale, Xu, 
Prinyawiwatkul, King, & Godber, 2007). Comparisons between natural and artificial antioxidants 
include citric acid compared with butylated hydroxytoluene (BHT) in terms of controlling lipolytic 
and oxidative rancidity of rice bran during storage. It has been shown that BHT is effective in reducing 
rancidity in rice bran only for a month whereas citric acid controls both lipolytic and oxidative 
rancidity for about three months (Atapattu, 2013). The endogenous antioxidants present in the 
samples play a very important role in susceptibility to rancidity. Morais et al. (2011) used both BHT 
and butylhydroxyanisole (BHA) on ground brown flaxseed (Linum Usitatissimum) but they found no 
significant change after 30 days at room temperature, which was due to the high concentration of 
phenols present in flaxseed, specifically lignans, phenolic acids, flavonoids, phenylpropanoid 
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glucoside and tannins (F. P. Anwar, Roman, 2012; Kasote, 2013; Yaqoob, 2014). The main 
antioxidants in chia are: chlorogenic and caffeic acids, as well as myricetin, quercetin, and kaempferol 
flavonols (Coates, 2011a). Both flaxseed and chia seeds contain high amounts of antioxidants 
phenolic compounds in both cases, which help to protect against oxidation (F. P. Anwar, Roman, 
2012; Coates, 2011b; Kasote, 2013; Yaqoob, 2014). 
A relatively new area in natural antioxidants is Australian native antioxidants, or antioxidants 
extracted from bush foods, which have been investigated in the last decade due to the high antioxidant 
capacity of these plants and fruits (Konczak, Zabaras, Dunstan, & Aguas, 2010). The extracts from 
these plants could be use as natural antioxidants in the food industry to extend the shelf life of whole 
grains, reducing their lipid oxidation and preventing or retarding the rancidity. According to published 
reports, this seems like a promising new area for natural antioxidants. Studies have compared the 
antioxidant activity of 12 native Australian fruits: finger lime (red and yellow), riberry, bush cherry, 
Cedar bay cherry, muntries, Illawarra plum, Burdekin plum, Davidson's plum, Kakadu plum, 
Molucca raspberry and Tasmanian Pepper; with blueberries, which are known to have one of the 
highest antioxidant capacity amongst traditional berries. The results showed that the indigenous fruits 
were a very rich source of antioxidants, with significantly higher levels of phenolic compounds and 
stronger radical scavenging activities than blueberries (Netzel, Netzel, Tian, Schwartz, & Konczak, 
2006, 2007). Other research has confirmed these results with more recent data on Australian native 
fruits and their outstanding antioxidant capacity (Konczak & Roulle, 2011; Konczak et al., 2010). 
These studies open up the possibility of investigating Australian indigenous species as potential 
sources of natural antioxidants in foods with shelf-life issues. 
2.6 Conclusion 
Lipid oxidation is a very complex set of metabolic reactions. There are many factors that can 
influence, not just the rate of the reactions, but also the metabolites produced. The two types of 
rancidity, enzymatic and auto-oxidative, will produce different molecules and will also have different 
factors affecting their rate, including temperature in the case of the enzymes, and light in the case of 
auto-oxidation. Although the volatile compounds hexanal and propanal have been the preferred 
markers to use when assessing potential rancidity of products, due to their direct relation to the fatty 
acid composition and their stability, the non-volatile compounds should not be forgotten and new 
techniques to measure a wider spectrum of secondary products of oxidation should be developed, 
since this is becoming a limitation, especially when comparing different types of samples. 
There is a variety of different methods to stop or retard rancidity, acting on different parts of the 
process, so the method or treatment used will depend on the type of oxidation that most affects each 
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particular food matrix. It could be a thermal treatment if enzymatic oxidation is responsible, or 
antioxidants if it is auto-oxidation. Some antioxidants are also effective in enzymatic oxidation but 
antioxidants are more or less effective depending on the product, and on whether they have a 
synergistic effect with other antioxidants present in the sample e.g. due to the fact that one could be 
water soluble and another lipid soluble. 
There is still a lot of research to be done in the lipid oxidation and rancidity area. Better techniques 
are needed, as well as specific targets. We suggest that the isolation of the products that are 
responsible for the rancid smell and taste is required. A deeper understanding and knowledge is 
needed of the types of oxidations and the origins and drivers in each case, for each grain and seed 
used in consumer foods. 
Once a better understanding is obtained, rational approaches to the selection and design of lipid 
degradation prevention can be made to satisfy the needs of both consumers and food industry. Finding 
a single treatment that could work efficiently with a large range of grains and seeds will save time 
and money in the food industry and will benefit the consumers. The more natural and simple the 
treatment, the better for consumers’ acceptability and industry. However, the diverse lipid 
composition, enzyme concentration, mechanical strength (of whole grains and seeds), and 
endogenous anti-oxidants across grains, pseudo grains and seeds will be challenging. It is therefore 
more likely that different treatments addressing one or more of initiation, propagation and termination 
reactions will be devised depending on raw material and process characteristics. 
The questions we are looking to answer with this study are: 
1. Is there a difference in storage-induced changes between cereals, pseudo cereals and oil seeds? 
If so, does the fatty acid composition affect it? 
2. Is there a difference between using intact whole grains or using ground whole grains (whole 
meal) in their shelf life stability? 
3. Are there natural ways of extending the shelf life of these products?
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Chapter 3 Materials and methods 
Grains, commonly referred to as ‘cereals’ or ‘cereal grains’, are the edible seeds of specific grasses 
belonging to the Poaceae family (also known as Gramineae) {Whole Grain Council, 2019 #586}. 
Cereal grains have high energy value from their starch fraction (35 to 75% total weight) as well as 
their protein (6 to 12%), along with traces of minerals and vitamins and fibre when they are not 
refined (Sarwar, Sarwar, Sarwar, Qadri, & Moghal, 2013). Cereals are usually marketed as raw grain 
or as ingredient in food products either from flour, flake or intact {Whole Grain Council, 2019 #586}. 
Pseudo-grains are those that resemble grains from the consumer’s side, and even though display a 
similar phenotype to grains and are nutritionally similar, they do not belong to the Poaceae botanical 
family. Amaranth, buckwheat, quinoa and millet are pseudo-grains we can find in the markets. 
Although none of them are as common as cereal grains like rice or wheat, pseudo-grains have become 
increasingly popular in the last years since they have excellent nutrient profile. Like the cereals, they 
are a good source of energy due to their starch component, they also contain good quality protein 
with essential amino acids (FAO, 2013), dietary fibre and a high proportion in polyunsaturated lipids 
(PUFA) (Alvarez-Jubete, Arendt, & Gallagher, 2009; Caselato‐Sousa & Amaya‐Farfán, 2012). They 
contain adequate levels of micronutrients like vitamins and minerals as well as other bioactive 
components like antioxidants (Berghofer & Schoenlechner, 2002; Taylor & Parker, 2002; Wijngaard 
& Arendt, 2006). They are part of an emergent market since they are gluten-free and there is a sector 
in the market raising awareness about gluten intolerance and celiac disease, as well as the growth in 
demand from people who consider gluten-free as a healthier option (Vinning & McMahon, 2006). 
Flour from pseudo-grains has been used to produce bread or other baked products as well as flaked 
or intact in whole grain breads, crackers, cereal bars etc (Diaz & Jouppila, 2013; Sakač et al., 2016). 
Oil seeds are well known for their amount of natural antioxidants, fibre and good lipid profile with 
low amounts of saturated fatty acids and high amounts of polyunsaturated fatty acids (F. Shahidi, 
1997; Tuberoso, Kowalczyk, Sarritzu, & Cabras, 2007). They are also a good source of other 
phytochemical minor components like tocopherols, chlorophylls, squalene, and phenolic compounds 
(Cert, Moreda, & Pérez-Camino, 2000; Moreda, Perez-Camino, & Cert, 2001; F. Shahidi, 2002), 
which have been linked to the prevention of cardiovascular diseases, lipid oxidation protein cross-
linking and DNA mutations as well as haemostasis functions (Tuberoso et al., 2007) 
The cereals, pseudo cereals and oil seeds used in this project were collected as soon after harvest as 
possible (Table 3-1). For this reason, farmers or primary sellers were contacted directly. In some 
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cases, due to the specific harvested season, relatively old samples (barley and sunflower 3 months, 
buckwheat 5 months) were used. 
Table 3-1. Samples used with detailed information on harvesting time, storage and supplier. 
Sample  Harvest date 
(aprox.)  
Received date  Supplier  Storage and 
selection  
Sorghum white  April 2015  7th May 2015  Dr Glen Fox, UQ  Sieved to remove 
broken grains. 
Stored at -80°C  
Sorghum red  April 2015  7th May 2015  Dr Glen Fox, UQ  Sieved to remove 
broken grains. 
Stored at -80°C  
Barley  December 2014  23rd March 2015  Dr Glen Fox, UQ  Visual removal 
of broken grains 
with tweezers. 
Stored at -80°C  
Teff  27th March 2015  18th May 2015  Arnott’s  Stored at -80°C  
Buckwheat  December 2015  29th May 2015  The source Bulk 
Foods company  
Visual removal 
of broken grains 
with tweezers. 
Stored at -80°C  
Quinoa white  10th April 2015  18th May 2015  Arnott’s  Stored at -80°C  
Quinoa red  10th April 2015  18th May 2015  Arnott’s  Stored at -80°C  
Sunflower seed  10th January 
2015  
7th April 2015  Sam Coco 
supermarket  
Stored at -80°C  
Flax  5th March 2015  9th March 2015  Watanna Farms  Stored at -80°C  
Chia Black  23rd February 
2015  
9th March 2015  The chia co  Stored at -80°C  
Chia White  5th April 2015  20th April  The chia co  Stored at -80°C  
 
In the second experiment when treating the grains: the barley was obtained from Dr Glen Fox 
(University of Queensland, Australia), Flax was kindly donated by Waltanna Farms (New South 
Wales, Australia). Butylated hydroxyanisole was purchased from Sigma Aldrich Australia, 
Rosemary-tocopherol extract was purchased from Naturex Australia and the Lemon Myrtle leaves 
were purchased from Taste Australia Bush Food Shop. The rest of ingredients were supplied by 
Arnott’s Biscuits Limited. 
3.1 Experimental design for shelf life experiment 
In order to address the objectives of the project a research plan and experimental design was 
constructed as shown in Table 3-2. 
The 11 samples (barley, teff, sorghum white, sorghum red, buckwheat, quinoa white, quinoa red, 
sunflower, flax, chia white and chia black) were used with biological replicates. They were used 
ground as well as intact, to test for differences between using the intact grain or the flour. 
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A 110 days storage time was used at three different temperatures (4, 23, and 38°C).During that time, 
9 time points were selected to examine the reactions occurring in the samples. During storage, all 
temperature and humidity conditions were monitored with a data logger, recording data every 30 
minutes. 
All samples were analysed for: 
- Hydroperoxide value to monitor the first product of oxidation 
- Fatty acid methyl ester (FAME) for fatty acid composition 
- GCxMS-TOF (time of flight) for head space analysis (volatile compounds) using specific 
standards as markers of lipid degradation (more information in the literature section 2.2 
Markers of rancidity on Chapter 2). 
Table 3-2. Experimental design. 
Variables Number of factors Details of variables 
Samples 11 barley, teff, sorghum white, sorghum 
red, buckwheat, quinoa white, quinoa 
red, sunflower, flax, chia white and 
chia black 
Biological replicates 2 Coming from the same supplier, 
same harvesting time but different 
field 
Physical conditions 2 ground, intact 
Temperatures: 3 4°C, 23°C, 38°C 
Time points: 9 day 0, 2, 5, 10, 15, 20, 30, 60, 
110days 
TOTAL 11x2x2x3x9 = 1188 samples 
Analysis to perform - Fatty acid composition 
- Hydroperoxide value (1st oxidation products) 
- Volatile compounds. Head space analysis with 
GCMS-TOF (2nd oxidation products). Using 
hexanal, octanal and nonanal as standards to identify 
and quantify. 
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Sample preparation and randomization  
  
4°C (left) and 38°C (right) storage 
 
23 °C storage 
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3.2 Experimental design for treatments experiment. 
Based on the results from the first set of experiments, the most stable grains where chosen to be 
treated independently using different treatments (Table 3-3). 
The grains chosen for this study were: barley, quinoa white and flax in biological duplicates. Barley 
was obtained from Dr. Glen Fox from University of Queensland and stored at -80ºC after harvest, 
quinoa was obtained from Arnott’s supplier, stored at -80ºC after harvest. Flax seed was purchased 
from Waltanna Farms (New South Wales) after harvest, stored at -80ºC. The shortening was supplied 
by Arnott’s and it contained palmitoleic acid and hydrogenated sunflower oil (w/w40:60. The 
shortening was used to ensure that antioxidants were well mixed in the test recipe. 
The treatments chosen were: BHA (Butylated hydroxyanisole) as the positive control; lemon myrtle 
leaves, since the antioxidant capacity showed promising results (will be shown in results 3); 
rosemary+tocopherol extracts, since one is lipophilic and the other hydrophilic and could be a good 
antioxidant in a mix matrix; dry heat and wet heat, since it has been proved to effective with enzymes. 
Table 3-3. Experimental design for treatments experiment. 
Variables Number of factors Details of variables 
Samples 3 Barley, Quinoa white, Flax 
Biological replicates 2 Coming from the same supplier, same 
harvesting time but different field 
Treatments 6 Control,  
BHA 0.002mg/g shortening,  
Lemon myrtle 405.4 mg/g shortening, 
Rosemary+tocopherol 148.9 mg/g shortening, 
dry heat (200ºC 18min),   
wet heat (90 ºC 20min). 
Physical conditions 1 Ground 
Temperatures: 1 23ºC 
Time points: 5 Days 0, 15, 30, 60, 110 
TOTAL 3x2x6x1x1x5= 180 samples  
Analysis to perform Volatile compounds. Head space analysis with GCMS-TOF (2ari 
oxidation products) using several standards to identify and quantify. 
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The treatments where prepared as follows: 
o The BHA treatment was prepare mixing 185g of shortening + 3.73 µg of BHA 
o The Lemon myrtle treatment was prepared by grinding 75 grams of lemon myrtle 
dry leaves and mixing them with 185 grams of shortening. 
o The rosemary tocopherol treatment was prepared by mixing 27.55 grams of the 
rosemary tocopherol extract with 185 grams of shortening. 
o The dry heat treatment was done by placing 90 grams per tray of intact grains spread 
on a tray in an oven at 200°C for 18 minutes. All the samples were then ground in a 
coffee grinder together with dry ice to avoid the temperature increase. 
o Wet heat treatment involved steaming 90g of grain per batch by adding water at the 
bottom of an electric pot (Philips model All-in-one cooker HD2137/72), inserting a 
sieve with the samples on top, then cooking covered for 20 minutes at a temperature 
of 90˚C±10 ˚C. All the samples were then ground in a coffee grinder together with dry 
ice to avoid a temperature increase. 
In order to guarantee a homogenised antioxidant treatment, the antioxidants were first mixed with the 
shortening for 10 minutes to medium speed using a kitchen robot mixer (Kenwood Premier Chef 
Kitchen Machine KMC510), stopping every 2 minutes to mix manually the shortening attached to 
the wall to ensure the antioxidant concentration was equal in all the preparations and that it was well 
homogenized. Once the shortening+antioxidant preparation was done, it was divided in individual 
stain steel mixer bowls and the ground grains were added to each one of the individual bowls to 
proceed to a new mix for 5 minutes, stopping every minute to mix manually the remaining parts that 
were not easy for the machine arm to access. These grains were for shelf life purpose. They were not 
added into crackers, they were ground and treated with antioxidant or heat treated and then ground. 
When the grains were ground and treated, they were mixed with the shortening and stored in 20ml 
storage vials. The samples were stored at room temperature for 4 months with temperature monitoring 
using a data logger to record the temperature every 30min. 
3.3 Commercial cracker 
To try the maximum amount of lemon myrtle to be added into a cracker without altering the flavour, 
a test needed to be done using a standard cracker recipe used by the industry partner. The cracker 
manufacture method was provided by Arnott’s, being that the method they use to produce their 
crackers, so to simulate the production of the factory the same protocol was followed. Crackers were 
made using a scaled down version (6L) of an industrial bread dough mixer. 
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Using the 6 litres industrial mixer; 332grams of wheat flour, 7.7grams of salt, 7.7grams of sugar, 
222grams of water, 30.1grams of the shortening with the antioxidant and 170grams of flax, quinoa 
or barley were mixed for 4minutes until they formed a homogenized dough. 
The dough was left 30minutes to rest. After resting, the dough was passed through a dough roller at 
different gap sizes: 15mm, 7mm and 4mm. After the 4mm pass, the layer was folded in three, rotated 
90° and passed again through 7, 4 and finally 2mm gaps. When the dough was 2mm thin a specific 
cutter was used to fulfil the brand requirements and to obtain homogeneous products. 
The crackers were then placed in an oven at 200°C for 18minutes, and then allowed to cool. Once the 
crackers were cold, they were tested by the sensory panel in the industry to determine based on their 
preference which what the maximum amount of lemon myrtle to use. 
3.4 Oil extraction: 
 Solvent oil extraction with chloroform/methanol. 
The method was adapted from Gao et al 2012 and Liu et al 2011(Gao et al., 2012; Liu et al., 2011). 
Two grams of ground sample were weighed in a 15ml falcon tube. 5ml of cold chloroform/methanol 
(2:1 v/v) was added. After vortex mixing for 10 seconds with a Lab-kits vortex mixer MX-S, the 
tubes were kept on ice for 10 minutes. 
The tubes were vortex mixed again for 10 seconds before they were centrifuged (4°C at 1300g for 20 
min), after which the supernatant was put aside in a fresh 15ml falcon tube. 
The first extraction was repeated to obtain a second supernatant, and this was mixed with the 
supernatant from the first extraction. 1ml of a solution of saturated KCl was used to separate the two 
layers (chloroform/methanol). The chloroform layer was removed as much as possible and placed in 
another tube. The tube with the chloroform-oil solution was placed in a Thermo Fisher scientific 
vacuum concentrator (Express SC250EXP SpeedVac) at 35°C for 2 to 4 hours (depending on the 
sample). The oil was collected in a 2ml microtube and stored at -80°C. 
 Solvent oil extraction with hexane 
For each grain, ground sample (6g) was placed in a 50ml PYREX® glass tube fitted with a Teflon 
cap. 30ml of n-hexane were added. Tubes were vortex mixed individually and then placed in a 
Thermo Fisher Ratek MTV1 Multi Tube Vortex Mixer with platform for 30x50ml tubes capacity for 
6 hours at 450 rpm. Samples were centrifuged at 1000g for 3 minutes, and hexane with the oil was 
decanted into a new glass tube until evaporation of the n-hexane was complete. The oil was collected 
from the bottom of the glass tube and was stored in a 2ml microtube at -80°C. 
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3.5 Fatty Acid methyl ester (FAME) determination. 
The method was adapted from (Matthew et al., 2009). 
To 2μl of oil, 25μl of internal standard solution (heptadecanoic acid, 10mg/ml, in AR isopropanol) 
and 500μl of extraction buffer solution (methanol 2% in sulfuric acid) were added. Samples were 
vortexed for 10 seconds, and placed in a shaking water bath for 3 hours at 70°C. The tubes were left 
at room temperature for 5 minutes before adding 300μl of 0.9% NaCl and 300μl of hexane. They 
were then vortexed for 20 seconds, and centrifuged at 3000g, 20°C for 3min. Finally, 20μl of the top 
layer was transferred into the 8 mm autosampler insert in the 2ml clear glass screw thread vial, both 
from Thermo Fisher, for subsequent GC-FID analysis. 
Fatty acids were analysed using gas chromatography (Shimadzu GC-17A, Japan) on a DB-23 60 m 
x 0.25 mm x 0.25 µm capillary column with GC-FID (Shimadzu Co., Japan). 
FAME analysis by GC followed the temperature and flow program detailed below using a column 
Rtx®-2330 from Restek Australia. 60m x 0.25 mm inner diameter x 0.2 µm film thickness: 
• 0.3-µL injection at 10:1 split ratio, inlet temperature of 250°C  
• Linear flow: 0.56 mL/min helium in column. 20.5ml/min total flow. 
• Oven temperature: 100°C for 5 min, 10°C/min up to 180°C and hold for 5 min, 5°C/min up to 240°C 
and hold for 17 min (47 min total) 
 • FID: 280°C, 400 mL/min air flow, 40 mL/min H2, 30 mL/min helium 
3.6 Hydroperoxide value 
 
Hydroperoxide values were obtained using the FOX2 assay (ferrous oxidation in xylenol orange, 
version 2) (DeLong, 2002). The FOX2 reagent was prepared by dissolving xylenol orange and 
ammonium ferrous sulphate in 250mM H2SO4 to final concentrations of 1 and 2.5 mM, respectively. 
One volume of this concentrated reagent was added to 9 volumes of HPLC grade methanol containing 
4.4mM butylated hydroxytoluene (BHT) to make the working reagent which comprised 250μM 
ammonium ferrous sulphate 100μM xylenol orange, 25mM H2SO4, and 4mM BHT in 90% v/v 
methanol. FOX 2 reagent was freshly prepared daily. All the reagent components were purchased 
from Sigma Australia. 
Oil samples were prepared for assay by dissolving 5mg of each oil in 1ml propan-1-ol. An aliquot of 
the solubilized oil (100μl) was then mixed with FOX2 reagent (900μl) in a 1.5ml microcentrifuge 
tube. The assay mixture was incubated at room temperature for 30 min and was then centrifuged at 
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12000g for 5 min to remove micelles. The supernatant was carefully decanted, and absorbance was 
read at 560nm. The standard curve was prepared with cumene hydroperoxide at concentrations 
between 0 and 30μM. 
3.7 Fatty acid & hydroperoxide relationship (cereals) 
Five fatty acids (C16:0, C18:0, C18:19, C18:29,12, C18:39,12,15) and the three treatment factors of 
sample type, storage duration and temperature were treated as the predictors in a linear model to 
model log(hydroperoxide) concentration. The fatty acids were treated as additive components, 
whereas the treatment factors were also examined for significant interactions. To facilitate the use of 
automatic model selection in the MuMin package (Barton, 2016), only complete cases - lines for 
samples where measures for all variables were present- were used in the two analyses done on ground 
(160) and wholegrain (166) samples. For each case the best fitting model as determined by Average 
based on Information Criteria (AICc) was extracted. 
3.8 GCxGC MS head space 2-dimensional chromatography 
Comprehensive analysis of volatile organic compounds (VOCs) in the samples was done by static 
headspace extraction and separation by two-dimensional gas chromatography time-of-flight mass 
spectrometry (GCxGC-TOF-MS; Pegasus 4D GCxGC-TOF-MS Leco; St Joseph, MI, USA). 0.5g of 
ground samples (ground cereals, ground pseudo-cereals, ground oils seeds or ground crackers) were 
weighed into 10ml GC headspace vials and allowed to equilibrate for 15h at 23 °C. A mixture of all 
the samples was used as a quality control (QC) and injected after every 10 samples, and an empty 
vial was used as a blank. Hexanal was quantified by using pure hexanal as a standard purchased from 
Sigma-Aldrich Australia. 
The samples were heated to 80 °C with agitation for 10 min on a CTC CombiPal Leap Technologies 
Autosampler (Agilent, CA, USA) to volatilise compounds. The headspace (1.5ml) was then collected 
using a 2.5ml headspace syringe at 80 °C, with fill and injection speed of 50 and 100μl/s, respectively 
and injected in splitless mode. 
The temperature of the GC inlet and transfer line was maintained at 250 and 240 °C, respectively. 
Separation was performed first on a primary column [Agilent DB-624UI (6% cyanopropyl phenyl, 
94% polydimethyl siloxane, 30m x 250μm x 1.4 μm); Agilent, CA, USA] and then on a secondary 
column which was a Stabilwax (crossbonded polyethylene glycol, 0.9m x 250μm x 0.50 μm; Restek, 
Bellefon, USA). The primary column was initially set to 45 °C for 1 min and then ramped at a rate of 
10 °C/min to 235°C. The secondary column and the modulator were set at 15 and 25 °C higher than 
the primary column respectively, for the entire run. The modulation period was set at 2.5s, with 0.4s 
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hot pulse time and 0.85s cool time between stages. The carrier gas (Helium 99.9999%) was 
maintained at a constant flow rate of 1ml/min. Data was acquired using TOF-MS in full scan with 
acquisition voltage of 1500 and electron energy of 70V. Signals within the mass range of 35-500 m/z 
were collected at a rate of 200 spectra/s after a 200 s delay. The ion source (EI) was held at 240 °C. 
TOF-MS was fully auto-tuned every 48 hours using the default parameters of the instrument. 
3.9 Radical Scavenging Activity against ABTS 
Adapted from Christodouleas et al 2015 (Christodouleas, Fotakis, Nikokavoura, Papadopoulos, & 
Calokerinos, 2015). 
❖ Sample preparation 
Sample (10 g) was soaked or diluted in 10 ml of hexane. The hydrophilic part was extracted 3 times 
by adding 20 ml of a methanol/water (60/40 v/v) solution, vortex mixing and then centrifuging for 10 
min at 1500g. Both parts (the hexane and the methanol/water phases) were collected independently 
and labelled as hydrophilic and lipophilic extracts. Both tubes were placed in a rotatory evaporator 
under vacuum at 30°C until the solvent evaporated. To both extracts 12.74 ml of 1-butanol was added 
to the solid residue. 
❖ ABTS protocol 
All the reagents were purchased from Sigma-Aldrich Australia and the spectrophotometer used for 
the measurement of the absorbance was a UV-1800 UV-Vis Spectrophotometer from Shimadzu 
Scientific Instruments. 
Preparation of Solution 1. Stock solution, or ABTS• + radical solution was prepared in a 100ml 
volumetric flask by adding 0.38 g of ABTS (2,2’-azinobis (3-ethylbenzothiazoline-6-sulfonic acid) 
diammonium salt), 0.066 g of potassium persulfate and deionized water to make up to 100 ml. The 
final concentration in the solution was 7 mM ABTS and 2.45 mM potassium persulfate. This solution 
was kept in the dark for 12-16 hours for the formation of ABTS• + radicals. 
Preparation of Solution 2. Alcoholic ABTS• + solution. In a reagent bottle, Solution 1 was diluted with 
methanol until the absorbance was equal to 1.0 at 734nm.  
To determine the radical scavenging activity, 0.5ml of sample diluted in 1-butanol (as described in 
the sample preparation) is mixed with 2ml of Solution 2 (alcoholic ABTS• + solution). Reduction of 
the absorbance at 734 nm was measured after 15 min, and antioxidant activity compared to gallic acid 
as a reference. 
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3.10 Data processing, validation and analysis. 
Data peak finding, peak deconvolution, alignment, noise correction and annotation were done using 
Leco ChromaTof v4.50 optimised for Pegasus 4D. Signal to noise ratio was set at ≥25:1 for an analyte 
to be called. The peak width was set at 15 s, the baseline offset to 0.5s and the similarity required for 
a match was 60%. Compound identification was done by mass spectral library matching using NIST 
11 v 2.0 library as well as an in-house library created by running authentic reference standards of 
common food odour compounds and the libraries mainlib, replib and SMix. 
A minimum similarity match of 80 % was required before an analyte was annotated. Sample 
chromatograms (.smp file format) were aligned using the Stat Compare plugin of ChromaTof and 
exported as a .csv file for statistical analysis. The data then was cleaned by removing compounds that 
were contaminants from the column and from the air. QC (quality control or pool samples) samples 
were used to ensure uniformity within the volatile compounds detected since they were created with 
the same amount of each individual sample. For inclusion in the analysis, each volatile compounds 
should be present in at least 90% of the QC samples. The sensitivity of the instrument per batch was 
controlled and corrected using two different stable compounds, alpha-pinene in the QC and 2-Acetyl-
1-pyrroline in the QA.  
PCA (principal component analysis) was done using SIMCA (Umetrics, Sweden). ANOVA, 
MANOVA and MANCOVA were done using the open access software R-studio (packages 
mentioned previously). Data distribution and correlations were determined using the open access 
software MetaboAnalyst 4.0 (Xia & Wishart, 2016). All R scripts are in the appendix. 
Before commencing any data analysis, the distribution of the data was checked using MetaboAnalyst 
4.0. The raw data was hetroscedastic (Figure 3-1) so a logarithmic transformation was applied to all 
the data before proceeding with any other statistical analysis. R scripts are in the appendix. 
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Figure 3-1. Data distribution was hetroscedastic so a logarithmic transformation was applied to all the data before further statistical 
analysis.
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Chapter 4 Results and discussion 
4.1 Biological group 
 Fatty acid composition 
The experiments performed gave information on the fatty acid composition across the biological 
groups studied. The interest in FA composition is due to the fact that different FA have different 
oxidation rates and will produce different secondary products of the oxidation. Although these 
secondary products of the oxidation can be either volatile or non-volatiles, just the volatiles have been 
determined, semi-quantified and some quantified (hexanal, octanal and nonanal) using analytical 
standards; the non-volatiles have not been measured since there is a wide variety of them and it is the 
volatile components that typically provide the most sensitive signatures of rancidity. 
Table 4-1 shows major differences in oil content and FA composition between the cereals, pseudo-
cereals and oil seeds as expected (DHHS/USDA, 2015). In particular the oil content of cereals and 
pseudo cereals is up to 10 times lower than for the oil seeds, and for that reason as well as the fact 
that the amount of unsaturated FA is higher in most cases, will make the seeds much more likely to 
be susceptible to lipid degradation. Given the FA composition, testable predictions can be made about 
the stability of the samples. 1) The grains and pseudo grains will be more stable than the oil seeds 
due to the 10 fold increase in lipids as well as a generally higher concentration of PUFAs. 2) Quinoa 
has a relatively higher lipid and PUFA content than the other pseudo grains and grains so is expected 
to be less stable over time. 3) The concentration of saturated FA in the grains is the main difference 
in the cereals group between barley, teff and sorghums, since it has been reported that their rate of 
oxidation is much lower than from unsaturated FA (Belitz et al., 2009), so this should make barley 
and teff more stable than both sorghums. 4) For the same species, both sorghums (grains) and both 
quinoas (pseudo grains) contain the same oil content and FA composition. In the case of the two chias 
(oil seeds), their FA composition is different, with white chia having twice the amount of saturated 
FA and MUFA than chia black, as well as correspondingly less PUFA; this differences would be 
expected to make chia white more stable than chia black. 5) in the pseudo cereals group, buckwheat 
should be the most stable. However these predictions are made just based on the FA composition 
without considering other factors like endogenous antioxidants or enzyme activity. In some cases, 
like flax and chia, it is likely they contain high antioxidant activity and that could prevent their 
oxidation (Alaunyte, Stojceska, Plunkett, Ainsworth, & Derbyshire, 2012; Ixtaina, 2012; Kajla, 
Sharma, & Sood, 2015; Koubová, Mrázková, Sumczynski, & Orsavová, 2018; Morais, 2011; Zhu, 
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2018). The results of the degradation of the FA will be shown and compared to the predictions just 
made. 
Table 4-1. Fatty acid composition at day 0. 
 
Sample 
Fat 
content 
(mg/g 
sample) 
 
mg of fatty acid/gram of sample 
 
%  
C16:0 C18:0 C18:1 C18:2 C18:3 C20:0 C20:1 C20:2 SAT MUFA PUFA 
Barley 2.3 5 0 3 13 1 0 0 0 22.7 15.1 62.2 
Sorghum Red 4.6 4 0 12 16 2 0 0 0 12.8 35.9 51.3 
Sorg. White 4.6 4 0 12 17 2 0 0 0 12.8 33.7 53.5 
Teff 2.4 4 1 7 11 2 0 0 0 19 27.9 53.1 
Buckwheat 3.4 5 1 13 11 1 1 1 1 20.2 42.5 37.3 
Quinoa Red 6.1 6 0 15 34 4 0 1 0 10.6 26.4 63 
Quinoa White 6.1 6 0 15 35 4 0 1 0 9.8 26.1 64.1 
Sunflower 51.5 33 23 130 330 0 0 0 0 10.8 25.2 64 
Flax 42 22 19 71 66 242 0 0 0 9.9 17 73.1 
Chia White 30.7 45 20 52 134 55 0 0 0 21.3 16.9 61.8 
Chia Black 30.7 21 10 24 64 187 0 0 0 10.2 7.9 81.9 
 
 Fatty acid degradation 
As shown above the different samples have different fatty acid composition; this is likely to be one 
of the factors that affects their oxidation rate. A PUFA like linolenic FA (C18:3) will oxidise twice 
as fast as linoleic FA (C18:2) and this one will oxidise 12 times quicker than oleic FA (C18:1)(Desai, 
2004). The fatty acid degradation was measured using the oil extracted from the samples and 
determining FAME (Fatty Acid Methyl Esters) with a GC-FID using a pool of fatty acids as standards. 
The peak intensity was detected and compared with the fatty acid standards used. When calculating 
the fatty acid composition, the values are given as % of each fatty acid in the total amount of oil. 
When the total amount of oil decreases due to FA degradation, especially PUFAs, some FA like the 
saturated FA which are more stable, will appear to have increased. However that is the relative 
amount, relative to the total FA that are left since in most cases, particularly at later stages, the amount 
of PUFAs could be greatly reduced. What we are looking for in these results is when the % of the 
PUFAs start decreasing, as well as the relation of the PUFAs and saturated FA. Since we could expect 
saturated FAs to be stable, as they get oxidized more than 1000 times slower than PUFAs, assuming 
a constant level of saturated FA will help in seeing how big or small are the changes in the PUFAs. 
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Relative amounts of FAs were measured at each time point and each temperature to explore where 
the loss of fatty acids occurred, as a prediction for when the production of first and secondary products 
of oxidation occurs. These results allowed comparison between all samples.  
The results for pseudo cereals (Figure 4-1), show a clear difference between quinoa red vs quinoa 
white and buckwheat. Quinoa red shows more instability from day 5, where a change in composition 
occurs with a reduction in the C18:2 relative amount for all three storage temperatures (Figure 4-1 A, 
B and C). Quinoa white and buckwheat are stable over 110 days, independently of the temperature 
of storage. Cereals (Figure 4-2) show good stability with time, especially when stored at 4 and 23ºC 
(Figure 4-2 A and B). Some small changes can be seen for barley and sorghum red when stored at 
38ºC (Figure 4-2 C), but these are minor since after that, the levels are stable. In oil seeds (Figure 
4-3) sunflower proved to be the most unstable since it starts showing a loss of C18:2 and C18:1 from 
day 5 with a small but consistent subsequent loss of fatty acids, specially C18:2 and C18:1. Chia 
black and white are stable throughout the 110 days when stored at 4 and 23ºC (Figure 4-3 A and B), 
but when stored at 38ºC (Figure 4-3 C), both start showing degradation of FA from day 5. On the 
other hand, flax stays stable at all three temperatures up to 110 days, proving to be the most stable oil 
seed. 
Comparing the three botanical groups, a general observation is that all the samples show good 
stability and that is what was expected at least at 4ºC and 23ºC (Figure 4-1, Figure 4-2, Figure 4-3 A 
and B) since they are intact and presumably  compartmentalization protects the fatty acids from 
oxidation, in the cases where the sample have stayed stable even when stored at 38ºC (Figure 4-1, 
Figure 4-2, Figure 4-3 C). Those samples that are stable at all three temperatures for 110 days are the 
extremely stable ones like buckwheat and quinoa white in pseudo cereals; teff in cereals and flax in 
oil seeds. On the other hand, there are very unstable samples in pseudo cereals (quinoa red) and oil 
seeds (sunflower), but not in cereals unless stored at 38ºC (Figure 4-1 C). However, teff which is 
stable even under the harshest condition in this set of experiments. 
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 BUCKWHEAT QUINOA WHITE QUINOA RED 
A) 
 
 
 
4ºC 
   
B) 
 
 
 
23ºC 
 
   
C) 
 
 
 
38ºC 
 
  
Figure 4-1. Pseudo cereals fatty acid % change with time. The data was obtained from extracted oil derivatized, based on peak intensity of the methyl esters formed. It was compared to commercial 
standards. A) Pseudo cereals stored for 110days at 4°C. B) Pseudo cereals stored for 110 days at 23°C. C) Pseudo cereals stored for 110 days at 38°C.
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 BARLEY TEFF SORGHUM WHITE SORGHUM RED 
A) 
 
 
 
4ºC 
 
   
B) 
 
 
 
23ºC 
 
    
C) 
 
 
 
38ºC 
    
Figure 4-2. Cereals fatty acid % change with time. The data was obtained from extracted oil derivatized, based on peak intensity of the methyl esters formed. It was compared to commercial standards. 
A) Cereals stored for 110days at 4°C. B) Cereals stored for 110 days at 23°C. C) Cereals stored for 110 days at 38°C.
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 SUNFLOWER CHIA BALCK CHIA WHITE FLAX 
A) 
 
 
 
4ºC 
  
  
B) 
 
 
 
23ºC 
 
 
   
C) 
 
 
 
38ºC 
   
 
Figure 4-3. Oil seeds fatty acid % change with time. The data was obtained from extracted oil derivatized, based on peak intensity of the methyl esters formed. It was compared to commercial standards. 
A) Oil seeds stored for 110days at 4°C. B) Oil seeds stored for 110 days at 23°C. C) Oil seeds stored for 110 days at 38°C. 
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 Hydroperoxides 
Hydroperoxides (HPx) are the first product of lipid oxidation and the rate of production is related directly 
to fatty acid composition since more double bonds will make the fatty acid more susceptible to form 
hydroperoxides and further degradation products due to their high reactivity. For this reason, there is not 
a simple response when the matrix contains different fatty acids, due to the different oxidation rates of the 
different fatty acids. PUFAs will start oxidation earlier than MUFAs, and MUFAs earlier than the 
saturated FA (Desai, 2004). Analysis of variance was carried out to describe the relationship between fatty 
acid concentrations and hydroperoxides (Table 4-2), which showed that hydroperoxide concentration 
among the samples responds differently to the effect of temperature as well as simultaneously across time. 
When graphing the concentration of HPx per sample at each time point and at each temperature (Figure 
4-4), the complexity of the individual data can be appreciated. For this reason, it is not easy to interpret 
the data when it is represented in a graph and it needs to be analysed by univariate or multivariate analysis. 
Table 4-2. Results of the analysis of variance in the hydroperoxides for intact grains. 
 P value 
Sample 7.89 e-13 
Temperature 0.58098 
Time 3.19e-13 
Sample:temperature 7.11e-06 
Sample:time 0.03378 
Temperature:time 0.36101 
Sample:temperature:time 0.01929 
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Figure 4-4. Hydroperoxide values in intact samples. Storage at 4, 23 and 38ºC
Storage 4°C 
 
Storage 23°C 
 
Storage 38°C 
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 Volatile compounds and the multivariate analysis 
Previous sections have discussed the data of the FA composition, the FA degradation and the first 
product of oxidation, the hydroperoxides. Next results are the volatile compounds produced, some of 
which are secondary products of the oxidation. The way they have been analysed is by multivariate 
analysis (MVA) including the hydroperoxides levels as well as the fatty acid composition and 
degradation. The MVA executed is PCA (Principal Component Analysis), and the results will show 
the weight of the interaction of the different dependent variables in the samples within the storage 
time and storage condition and the biological group. 
 Preliminary study. Days 0 and 30. 
As a preliminary study, data from days 0 and 30 were analysed to establish general findings that could 
be explored subsequently for all samples. Multiple principal component analyses (PCA) were carried 
out using the results from the FA composition, HPx value and the volatile compounds from the 
GCxMS-TOF analysis to find out which of the main variable/s (time, temperature or biological group) 
most separates the samples along the PC. Figure 4-5 shows a separation based on botanical origin on 
PC1, explaining 33% of the variation, where oil seeds are on one extreme of the PCA and pseudo 
cereals and cereals are clustered together on the opposite side. As can be seen in Figure 4-6, when 
just grains and pseudo grains are plotted together, the separation on PC1 happens by botanical origin, 
with all the cereals located on the positive PC1. This indicates that there is a qualitative difference in 
the chemistry that has evolved from day 0 to day 30 in each of the botanical families. To determine 
whether the analysis techniques are capable of observing differences related to the time or 
temperature a separation based on biological groups is required. 
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Figure 4-5. Preliminary study. Score scatter plot of all samples on day 0 and 30 coloured by botanical origin. PC1 explains 33% 
of the variation and separates on the bases of botanical origin.  
  
Figure 4-6. Score scatter plot of grains and pseudo grains coloured by group. Separations by biological group on PC1 and by time 
on PC2. 38% of the total variation explained on the PCA 
 
 
 Full study. Days 0 to 110. 
The preliminary study showed that botanical origin was the most important variable in defining 
differences between samples, so subsequent detailed analyses were carried out individually for the 
three types of grains studied. For each botanical group, a PCA was performed with all the data 
obtained from the head space analysis, the fatty acid composition and the hydroperoxide values. In 
each one of the botanical group PCAs, the main separations happened on the basis of species (Figure 
4-7, Figure 4-12and Figure 4-17). Analysis of variance was performed (Table 4-3) and showed, like 
the PCAs, that the variable that has more analytes statistically relating to it is the species, with up to 
90% of analytes displaying a significant difference in the case of pseudo cereals, 83% in the case of 
oil seeds, and 77% for cereals. To perform more specific analyses, the species will be studied 
individually inside each botanical family. 
Cereals 
Pseudo cereals 
  Day 0 and storage at 4ºC 
(30%) (10%) 
(22%) (16%) 
47 
 
Table 4-3. % of analytes that display a significant difference due to the variables (single or multiple interactions). 
 Time Species 
Temper
ature 
Time:Speci
es 
Time:Temperat
ure 
Species:Temperat
ure 
Time:Species:Tempera
ture 
Pseudo 
cereals 
55.56 91.27 70.63 31.75 51.59 30.95 10.32 
Cereals 33.87 77.42 50.00 9.68 20.16 37.90 6.45 
Oil seeds 30.95 83.33 9.52 42.86 0.00 11.90 2.38 
 
 
 PSEUDO CEREALS 
On the pseudo cereals PCA buckwheat is on one side of the PCA (Figure 4-7) and both quinoas are 
together on the other side, separated by PC1 which explains 22% of the variation. Both quinoas seem 
equally spread along the negative PC1. Analysis of variance was carried out to describe the 
relationship between the analytes and the independent variables species, time of storage and 
temperature of storage, as well as the interaction between them (Table 4-3) and showed that for the 
botanical group pseudo cereals the main variable displaying a significant difference after species 
(91% of the analytes displaying a significant difference) is temperature of storage (71%). To have a 
better understanding of how the different variables affect the stability of the different species, an 
independent analysis will be performed for each one of the species. 
 
 
Figure 4-7. Score scatter plot and loadings scatter plot of all pseudo cereals all time points and temperatures. Coloured according 
to variable species.  
 
When analysing the three pseudo cereals by PCA ( Figure 4-11), the samples group by temperature 
of storage, especially the 4ºC group, consistent with the ANOVA, which showed temperature to be 
the most influential variable (Figure 4-8). Buckwheat shows a clear separation between the three 
temperatures proving to be the most influenced by storage condition amongst the three pseudo cereals, 
Buckwhea
t 
Quinoa red 
and white 
(22%) (14%) 
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whereas quinoa red does not show a clear separation between storage at 23 and 38ºC. Quinoa white 
shows that samples stored at 38ºC are distributed all along the PCA but distinguished from storage at 
4ºC, showing that instability due to storage temperature and separation between storage condition to 
be more important than in quinoa red. Analysis of variance was done for the independent species 
(Figure 4-8) of pseudo cereals and the results help to understand better the PCA results: 1. 
Temperature is the most important variable for buckwheat and quinoa red, 2. time and temperature 
are almost equally important for quinoa white, which makes quinoa white more unstable. As time is 
as important as storage temperature when the grain is intact and still has a thick coat protecting the 
seed from light and oxygen, the data shows how vulnerable it is compared to the other pseudo cereals. 
 
Figure 4-8. Simplified ANOVA results: % of analytes that display a significant difference due to "time", "temperature" or 
"time:temperature" 
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Buckwheat  
  
Figure 4-9. PCA buckwheat coloured on the basis of storage temperature. PC1 explains 27% of the variation, PC2 explains 11% 
of the variation. 
Quinoa white 
 
Figure 4-10. PCA quinoa white coloured on the basis of storage temperature. PC1 explains 25% of the variation, PC2 explains 
21% of the variation. 
Quinoa red 
 
 Figure 4-11. PCA quinoa red coloured on the basis of storage temperature. PC1 explains 26% of the variation, PC2 explains % of 
the variation. 
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 CEREALS 
For cereals, PCA (Figure 4-12) explains 35% of the variation and also shows a separation based on 
species, with both sorghums together on the negative PC1 and barley and teff on the opposite side of 
the PCA. Barley data is clustered together, whereas teff spreads along PC1. ANOVA (Figure 4-8) 
shows that 77% of the analytes in the cereal group show a statistical difference due to species, so for 
further analysis the four cereals are analysed independently. 
 
Figure 4-12. Score scatter plot and loadings scatter plot of all cereals all time points and temperatures. Coloured according to 
variable species.  
 
Analysis of variance (Figure 4-8) shows that temperature is the variable that more analytes show 
statistical difference with in all four cereals, although sorghum red shows almost the same relation 
with time, with 44% of analytes displaying a significant difference, whereas in sorghum white it is 
20%. The fact that sorghum red is more susceptible to time than sorghum white, while having the 
same fatty acid composition, means sorghum white is more stable and one of the reasons could be 
that the antioxidants like anthocyanins that sorghum red contains act as a prooxidant instead of 
antioxidant. The ANOVA results (Figure 4-8) support the PCA results (Figure 4-9, Figure 4-10, 
Figure 4-11) where separation by temperature of storage is more evident than with the pseudo cereals. 
For all four cereals, the samples stored at 23ºC are closer to samples stored at 4ºC; this distribution 
of the samples on the PCA based on the storage temperature shows a marked cereals:temperature 
effect as found in the ANOVA results (Figure 4-8). Barley PCA shows a grouping for day 110 of the 
three temperatures of storage, showing that although different volatile compounds have been 
produced during the storage, after 110 days the conditions of the samples are similar independent of 
the storage condition, consistent with stability of barley over time. 
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Barley 
 
 
Figure 4-13. PCA barley coloured on the basis of storage temperature. PC1 explains 22% of the variation, PC2 explains 11% of 
the variation. 
Teff 
 
 
Figure 4-14. PCA teff coloured on the basis of storage temperature. PC1 explains 20% of the variation, PC2 explains 18% of the 
variation. 
Sorghum white 
 
 
Figure 4-15. PCA sorghum white coloured on the basis of storage temperature. PC1 explains 22% of the variation, PC2 explains 
12% of the variation. 
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Sorghum Red 
  
Figure 4-16. PCA sorghum red coloured on the basis of storage temperature. PC1 explains 26% of the variation, and PC2 explains 
10% of the variation. 
 OIL SEEDS 
Oil seed PCA (Figure 4-17) shows a separation based on species as for cereals or pseudo cereals, but 
in this case there is also the factor of biological duplicates, since sunflower 2 and chia black 1 are 
driving the variation towards the negative PC1, which explains 32% of the total variation; the rest of 
the samples are on the positive PC1. ANOVA results (Figure 4-8) shows that 83% of the analytes in 
oil seeds display a statistical relation with the species so for further analysis the oils seeds will be 
analysed independently. 
 
Figure 4-17. Score scatter plot and loadings scatter plot of all oil seeds all time points and temperatures. Coloured according to 
variable species.  
 
In oil seeds the percentage of analytes displaying a significant difference (Figure 4-8) due to the 
independent variables “time”, “temperature” and “time:temperature” is very low, just sunflower and 
chia white show a relationship with the variable time in 45% and 36% of analytes respectively. This 
could be interpreted to mean that the other oil seeds (flax and chia black) are more stable due to their 
known higher amount of antioxidants compared to chia white and sunflower (Ayerza, 2013; Ixtaina, 
2012; Kasote, 2013; Morais, 2011; Yaqoob, 2014). Even though the fatty acid composition in flax 
4ºC 
(26%) 
 (27%) 
(10%) 
 (27%) 
(21%) 
 (27%) 
(32%) 
 (27%) 
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and chia black makes them more susceptible to lipid degradation, in principle (refer to page10), the 
fact that they are intact and also their higher antioxidant content makes them more stable. The PCAs 
in Figure 4-18, Figure 4-19, Figure 4-20 and Figure 4-21 are coloured according to storage time, since 
it is the most important variable based on the ANOVA results for sunflower and chia white (Figure 
4-8): data up to day 15 are coloured in red, and from day 20 to day 110 are coloured in blue. We can 
see a clear separation by time in the sunflower PCA, but not the flax PCA (as expected based on the 
results). On the other hand both chia white and chia black show a separation based on biological 
duplicate. In the case of chia black, the biological duplicates are separated on the 1st component which 
explains 44% of the variation and could be a reason to separate the analysis for chia black 1 and chia 
black 2. However, even when analysed individually there is no trend with time or temperature, so a 
separate analysis was not pursued. 
 
 
Sunflower 
 
Figure 4-18. PCA sunflower coloured on the basis of storage temperature. PC1 explains 36% of the variation, PC2 explains 21% 
of the variation. 
 
Flax 
 
Figure 4-19. PCA flax coloured on the basis of storage temperature. PC1 explains 37% of the variation, PC2 explains 12% of the 
variation. 
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Chia white 
 
Figure 4-20. PCA chia white coloured on the basis of storage temperature. PC1 explains 33% of the variation, PC2 explains 21% 
of the variation. 
Chia black 
 
Figure 4-21. PCA chia black coloured on the basis of storage temperature. PC1 explains 43% of the variation, PC2 explains 12% 
of the variation. 
 
When comparing the results of all three groups by PCA (  
Figure 4-16,Figure 4-17 and Figure 4-21) and ANOVA (Figure 4-8), and considering their fatty acid 
composition and degradation: there is a big difference between the oil seeds and the cereals/pseudo 
cereals. It is very noticeable on the PCA that oil seeds separate on the basis of time, where the other 
two groups separate on the basis of temperature of storage. ANOVA (Figure 4-8), shows as well that 
oil seeds have the opposite reaction to the variables than cereals and pseudo cereals by having very 
few analytes (≤11%) related to temperature compared to cereals and pseudo cereals (≈50%); oil seeds, 
specifically  chia white and sunflower. Even though oil seeds have more significant values related to 
the variable time, those are still less significant than the values cereals and pseudo cereals have. Chia 
black (Figure 4-21)and flax (Figure 4-19) don’t have analytes related to any of the variables and when 
looking at their FA degradation (Figure 4-3) their levels are stable during the storage. This could 
mean that they are very stable and do not get oxidised because of the high amount of endogenous 
antioxidants. 
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 Markers of degradation 
The three markers that were quantified are hexanal, octanal and nonanal using analytical standards.  
Based on the literature they are related to rancidity and produced from FA degradation. However, the 
results of the ANOVA (Table 4-4) show that they are not always good markers of lipid degradation. 
When relating the results of their concentrations with storage time, which is the variable directly 
related to degradation, hexanal proved to be a good marker for only the pseudo cereals and barley. 
Octanal and nonanal were found to not be good markers for any group in general. 
Table 4-4. p values from ANOVA results of the relation markers:time 
 
HEXANAL NONANAL OCTANAL 
QUINOA WHITE <0.05 <0.05 <0.05 
QUINOA RED <0.05 =0.08 =0.12 
BUCKWHEAT <0.005 <0.001 <0.001 
SORGHUM WHITE =0.88 <0.01 =0.16 
SORGHUM RED =0.91 =0.54 <0.05 
TEFF =0.63 =0.95 =0.73 
BARLEY <0.05 <0.05 <0.001 
CHIA BLAK =0.98 =0.47 =0.31 
CHIA WHITE =0.65 =0.89 =0.51 
SUNFLOWER =0.93 =0.23 <0.05 
FLAX =0.41 =0.22 =0.24 
 
Analysis of variance was carried out to describe the relationship between each analyte and storage 
time, with the goal of finding analytes that are good markers of time for each botanical family.  
The results show that pseudo cereals are the ones that have the most analytes related to storage time, 
consistent with the results of the ANOVA (Table 4-5), where pseudo cereals have the highest 
correlation with the variable time (56%). Based on the literature that emphasises the importance of 
compartmentalization (A. Doblado-Maldonado et al., 2012) this could mean that since the grains are 
all intact, they don’t degrade enough to show a reasonable number of analytes showing statistical 
difference due to time, especially in cereals and oil seeds. However, the food industry does not just 
use intact grains, but often produce whole meal products since most consumers prefer to consume 
whole grain products with  ground grains instead of intact grains (W. Whole Grain Council, 2018). 
Further analysis needs to be done on ground grains to expose them to similar storage conditions and 
determine which analytes are related to their degradation per botanical group, or in general a single 
analyte that they will all have in common in whole grain products. We can hypothesize that when the 
samples will be ground there will be more analytes related to time since the degradation will happen 
at a higher rate and more analytes will appear that are related to degradation with time in each group, 
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and that this will give enough information to compare across botanical origins and physical texture 
(intact vs ground). The analysis and results of the ground samples are shown and discussed in the 
next subchapter: Results 4.2. 
Table 4-5. Analytes that show a statistical relation (p<0.05) with time in each one of the botanical families. 
Pseudo cereals Cereals Oil seeds  
1,3-Octadiene Heptanone Octanoic.acid 
1-Hexanol 
 
Tridecane 
1-Nonanol 
  
Gamma nonalactone 
  
2,4-Undecadien 1-ol 
  
2-Heptanone 
  
2- Nonenal-E 
  
2n-Butyl furan 
  
5-Tridecene Z 
  
Benzene, 1-methyl-3-1-methylethyl 
  
Camphene 
  
Cyclohexane, 2-propenyl- 
  
Heptyl formate Formic acid, heptyl ester 
  
Furan, 2-pentyl- 
  
Heptanal 
  
Hexanal 
  
Hexane, 1-nitro- 
  
Hexane, 2,2-dimethyl- 
  
Nonanoic acid 
  
Pentane, 1-nitro- 
  
Propane, 1-nitro- 
  
Tetradecane  
  
Undecane 
  
cis-4-Decenal 
  
alpha Pinene 
  
beta Pinene 
  
gamma Terpinene 
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4.2 Ground grains. Cereals, pseudo cereals and oil seeds. 
The analysis of the fatty acid composition, fatty acid degradation, hydroperoxides (first product of 
oxidation) and volatiles (second product of oxidation) in the previous subchapter 4.1 showed that 
intact grains were very stable and samples potentially more susceptible to oxidation due to their fatty 
acid composition did not change with time. The intact compartmentalization of the grains, protects 
the lipids within the cell membranes, isolating them from lipolytic enzymes and external agents like 
oxygen, UV light or chelating agents that will initiate the oxidation process ending in rancidity. This 
subchapter examines the oxidative process after grinding to break the cellular structure, with the 
expectation that this will expose the lipids to degradative oxidising agents and enzymes causing more 
obvious fatty acid degradation. This is expected to be observed in a more rapid degradation of 
(particularly) PUFA, as well as a higher production of volatiles over time, which is related to 
rancidity. 
 Fatty acid degradation 
In comparison with the fatty acid degradation of intact grains, when these are ground their relative 
degradation amounts vary much more, showing how texture affects their stability. The changing 
relative composition of fatty acids for ground pseudo cereals is shown in Figure 4-1 to 4-3, and shows 
that buckwheat is the most stable with no change in the relative amount of fatty acids at 4 or 23ºC, 
but showing a decrease in the relative amount of PUFAs occurring from days 15-20 when stored at 
38ºC. The relative amount of fatty acids in quinoa white don’t change when stored at 4ºC, with the 
large error bars evident in the day 2 results likely indicating an error of measurement rather than 
degradation. When quinoa white was stored at either 24 or 38ºC a similar degradation occurred at the 
beginning, after day 2 the amount of PUFA decreased until one third of the C18:2 and half of the 
C18:3 molecules were degraded at day 110. Storage of quinoa red shows differences with the storage 
temperature, but like when intact, what the three storage temperatures have in common is the marked 
degradation (10%) in PUFAs by day 5. After that critical point at day 5 the degradation happens 
slowly up to day 30; after day 30 at the three storage temperatures a further drop in PUFA relative 
amounts can be seen, with storage at 38ºC causing the largest loss at day 60, followed by storage at 
23 and then storage at 4ºC.  Overall, in the pseudo cereals group it can be appreciated that buckwheat 
is the most stable when intact as well as when ground, showing very stable levels even when stored 
ground at 23ºC. Quinoa white follows, being very stable at 4ºC all 110 days and quinoa red shows 
already a considerable loss of PUFAs at day 5 for all three temperatures. Quinoa red is the most 
unstable when ground or intact whereas buckwheat is the most stable; this relates to the FA 
composition and their susceptibility to degradation since buckwheat contains twice the amount of 
saturated FA, the most stable, and almost half the amount of PUFAs, the most unstable. 
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For ground cereals (Figure 4-23), Teff is the most stable, suffering PUFA degradation but in a gradual 
way without drastic losses. Barley when stored at 4ºC is stable for 110 days, but when stored at 23ºC 
it shows a clear loss of PUFAs on day 2 and 5, after that a slower degradation takes place. When 
barley is stored at 38ºC, although it doesn’t have the same loss on day 2 and 5 as barley stored at 23 
ºC but the loss of PUFAs is constantly greater at 38 ºC. The results for both sorghums are similar, 
being quite stable at 4 ºC but start degrading a lot of PUFAs from day 2 when stored at 23 and 38 ºC 
followed by a larger loss at 38 ºC after day 15 making it a much worse storage condition than 23 ºC. 
At 38ºC on day 30 the relative amount of C18:2 drops from 50% to 25% and when stored at 23ºC it 
doesn’t reach 25% loss until day 75. 
With ground oil seeds (Figure 4-24) sunflower seems overall to be the most stable, since even though 
it has loss of PUFAs from day 2 the relative amount is not as big as in the other cases. Chia black and 
chia white have a very different behaviour in the loss of PUFAs where chia black and flax seem very 
similar and that could be due to the fact that their fatty acid composition is very similar (refer to 
results on page 37); they both have a drastic loss of (20-30%) PUFAs on day 2 when stored at 4 and 
23 ºC and after that they show apparent stability for the rest of the 110 days although chia black after 
day 60 shows more loss (60 to 40%) than flax which stays stable. On the other hand, chia white shows 
a lot of instability during the first month with a big loss of PUFAs until day 30 when stored at 4 or 
38 ºC. After day 30 when stored at 4 ºC the levels are stable but at 38 ºC the FA levels keep showing 
degradation; when stored at 23 ºC there is more stability following a big loss of PUFAs on days 2 and 
5. Overall a clear relation of the oil seeds FA stability with the FA composition can be observed: 
sunflower shows higher stability regarding PUFAs degradation and that can be due to the fact that 
sunflower doesn’t contain linolenic acid (C18:3) which gets oxidised much quicker than C18:2.  Chia 
black and flax show very similar degradation patterns and they have very similar fatty acid 
composition (refer to results 4.1 A), whereas chia black and white have different fatty acid 
composition that is reflected in the FA degradation with time since chia black has half the amount of 
saturated FA and more PUFAs than chia white. 
Overall, in fatty acid degradation, comparing the results with the ones obtained in intact grains (page 
38), it is evident the stability of intact is much greater compared to the ground ones. In some cases 
like buckwheat and teff, they are stable under any condition, even stored at 38 ºC for 110 days. All 
the cereals are stable for 110 days if they are stored at 4 ºC. Seeds show an important difference 
between being intact or ground, as when intact they didn’t show marked instability even when stored 
at 38ºC but when ground their PUFA rapidly degrades from day 2 when stored at 4 ºC and 23 ºC. 
When they are stored at 38ºC sunflower and chia black have a much slower degradation and flax 
shows no sign of degradation where chia white shows instability from day 2. 
59 
 
Being aware of the FA composition can give an idea of how quickly the first products of the oxidation 
-hydroperoxides, HPx- will be formed. HPx values were determined and shown in the following 
section; they are very reactive molecules and are expected to quickly break down and form smaller 
less reactive molecules, some of them volatile compounds. 
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 Buckwheat Quinoa White Quinoa Red 
A) 
 
 
 
4ºC 
   
B) 
 
 
 
23ºC 
 
 
 
 
C) 
 
 
 
38ºC 
   
Figure 4-22. Pseudo cereals fatty acid % change with time. The data was obtained from extracted oil derivatized, based on peak intensity of the methyl esters formed. It was compared to commercial 
standards. A) Pseudo cereals stored for 110days at 4°C. B) Pseudo cereals stored for 110 days at 23°C. C) Pseudo cereals stored for 110 days at 38°C. 
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 Barley Teff Sorghum White Sorghum Red 
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Figure 4-23. Cereals fatty acid % change with time. The data was obtained from extracted oil derivatized, based on peak intensity of the methyl esters formed. It was compared to commercial standards. 
A) Cereals stored for 110days at 4°C. B) Cereals stored for 110 days at 23°C. C) Cereals stored for 110 days at 38°C. 
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 Sunflower Chia Black Chia White Flax 
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Figure 4-24. Oil seeds fatty acid % change with time. The data was obtained from extracted oil derivatized, based on peak intensity of the methyl esters formed. It was compared to commercial standards. 
A) Oil seeds stored for 110days at 4°C. B) Oil seeds stored for 110 days at 23°C. C) Oil seeds stored for 110 days at 38°C. 
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 Hydroperoxides 
The previous set of results showed how the fatty acids degradation changes between the whole grains 
which generally show stability and the ground grains where some samples show a loss in certain fatty 
acids, specifically PUFAs. This loss is expected to be due to the development of hydroperoxides from 
FA. Some of the grains are more susceptible to fatty acid degradation and that is mostly due to their 
fatty acid composition (refer to literature review, page 3). Since hydroperoxide levels are not 
cumulative (refer to literature review, page11), trying to understand them by their variation with 
storage time is not an option, instead, what has been done with their results is to examine by ANOVA 
which  factors have a relation with the change in hydroperoxide levels. 
Hydroperoxide results (Table 4-6) are similar to the ones obtained in the intact samples (Table 4-2). 
Considering a p-value of 0.05 as the level of significance, storage time is less important than sample 
type or temperature. Significant sample:temperature variation was also found, whereas other 
interaction terms showed no correlation with hydroperoxide levels. 
Table 4-6. Results of the analysis of variance for hydroperoxides in ground samples. 
 P value 
Sample <2.2 e-16 
Temperature 7.712e-05 
Time 0.01154 
Sample:temperature 8.681e-05 
Sample:time 0.94911 
Temperature:time 0.45662 
Sample:temperature:time 0.72053 
 
When the results obtained from the hydroperoxide values are plotted against time (Figure 4-25), the 
similarity with the intact grains can be seen. In the first time points there is a lot of variation with 
levels increasing and decreasing constantly, with no stability, but in this case that characteristic is 
more remarkable since the hydroperoxide levels are higher. That proves that the degradation of the 
FA includes higher amounts of FA being degraded in the short period of time of the first 30 days. As 
has been explained above (Table 4-6), hydroperoxide levels (Figure 4-25) relate with PUFA 
degradation (Figure 4-22 to Figure 4-24) especially if the samples contain high amounts of C18:3, 
like chia black, which suffers a big loss in PUFAs after day 60 when stored at 23 and 38ºC and that 
can be appreciated in the big change in hydroperoxide levels after day 60. 
64 
 
Overall, hydroperoxide levels per se are not good predictors of lipid degradations and no conclusions 
can be made just from those results. They are, however, good results to include in a multivariate 
analysis since the R2 is higher when the hydroperoxide values are in the model compared to when 
they are not, for example: ground cereals 0.69 vs 0.64 or in pseudo cereals 0.54 vs 0.49. Since the 
hydroperoxides are very reactive molecules they will break down in smaller molecules, most of them 
volatile compounds, known as the secondary products of the oxidation and some of them being 
responsible for the off-odour perceived as rancid. The next set of results show the volatile compounds 
determined in head space analysis by GCMS-TOF. 
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A) 
Storage 
4°C 
 
B)  
Storage 
23°C 
 
C) 
Storage 
38°C 
 
Figure 4-25. Hydroperoxide values in ground samples. A) Storage at 4 ºC, B) Storage at 23 ºC and C) Storage at 38ºC 
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 Volatile compounds and multivariate analysis 
In the previous subchapter of results we have explored the FA degradation in each ground grain and 
used the hydroperoxide value to find which variables are more responsible for their production. Each 
fatty acid has a different susceptibility to form hydroperoxides from the different double bonds and 
to break down into smaller molecules with different reactivity levels. Some of them will be small 
enough to be volatile and some of them are likely to contribute to the off-smell characterized as 
rancid; these volatile compounds can be determined by head-space analysis using GCxMS-TOF. This 
next set of results has been obtained using univariate and multivariate analysis, in particular ANOVA 
and PCA, including all the results explained so far together with the volatile compounds. 
Following the results obtained in the intact grains (refer to page 45. Preliminary study. Days 0 and 
30), the analysis will be separated into the groups of cereals, pseudo cereals and oil seeds based on 
their botanical origin. An analysis of variance was performed to predict which variable drives the 
separation in each individual botanical family. The ANOVA results (Table 4-7) show that the variable 
species is the most important in the three groups with more than 70% of analytes displaying a 
significant difference in each group; in the case of oil seeds the percentage of analytes related to 
species reaches above 88%. As the variation in concentration of the volatile degradation products is 
most commonly explained by the variation in species, a more thorough analysis of individual species 
will be undertaken. 
Table 4-7. Results one and two-way ANOVA for each analyte found in ground pseudo cereals. Percentage of analytes which display 
significant difference due to “time”, “species” and “storage condition” 
 TIME SPECIES TEMPERATURE TIME:SPECIES TIME: 
TEMPERATURE 
SPECIES: 
TEMPERATURE 
TIME:SPECIES: 
TEMPERATURE 
PSEUDO 
CEREALS 
70.64  73.81  72.22  36.51  57.94  32.54  30.65 
CEREALS 66.94 77.42 68.55 33.87 53.23 37.10 23.39 
OIL SEEDS 42.86 88.10 4.76 19.05 7.14 7.14 2.38 
 
 Pseudo cereals 
When analysing the ground pseudo grains, we find the variable “time of storage” is the critical factor 
in determining storage changes. This can be appreciated in the three PCAs on Figure 4-28 as well as 
in the general ANOVA results in Table 4-8. The three pseudo cereals show a separation between 
storage at 4°C and the other two temperatures, in fact storage at 23 and 38°C don’t show any 
difference in storage temperature but they both do on time of storage since it can be seen in all three 
PCAs (Figure 4-28) that there is a separation between the samples stored up to day 20 with those after 
day 20 moving towards the end of the PCA by storage time, with a group in each side of the PCAs 
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when taking account of the volatile compounds that are, on the loading score plot, correlating with 
the samples stored for 110 days. 
 
Table 4-8. Simplified ANOVA results. % of analytes that display a significant difference due to "time", "temperature" or 
"time:temperature" in ground pseudo cereals. 
 time temperature time:temperature 
Quinoa White 52.40% 33.30% 24.60% 
Quinoa Red 62.00% 43.30% 31.50% 
Buckwheat 54.80% 31.80% 33.30% 
 
 
Buckwheat 
 
 
 
Quinoa white 
 
Figure 4-27. PCA quinoa white coloured on the basis of storage temperature. PC1 explains 27% of the variation, PC2 explains 
16% of the variation. 
Days 20, 30, 60, 110 
Days 20, 30, 60, 110 
Storage 4ºC 
Storage 4ºC 
(27%) 
 (27%) 
(27%) 
 (27%) 
(12%) 
 (27%) 
(16%) 
 (27%) 
Figure 4-26. PCA buckwheat coloured on the basis of storage temperature. PC1 explains 27% of the variation, PC2 explains 12% 
of the variation. 
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Quinoa red 
 
Figure 4-28. PCA quinoa red coloured on the basis of storage temperature. PC1 explains 28% of the variation, PC2 explains 16% 
of the variation.  
Days 20, 30, 60, 110 
Storage 4ºC 
(28%) 
 (27%) 
(16%) 
 (27%) 
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 Cereals 
Analysis of variance was done on the ground cereals (Table 4-9) and showed for each individual cereal that time of storage is the most 
important variable with more analytes displaying statistical relation to it. The PCAs for all the cereals (Figure 4-29, Figure 4-30, 
Figure 4-31 and   
Figure 4-32) also show a clear separation by storage time. The separation can be appreciated between 
the samples stored during the first three weeks (days 0 to 20) from the rest of the storage times (from 
day 30 to 110). Each group time of samples are found in each side of the PCA except for samples 
stored at 4ºC, since those ones don’t change. These results relate with the fatty acid degradation results 
(page 57), where it was seen that cereals stored at 4ºC, even when they are ground, don’t show 
instability. 
Table 4-9. Simplified ANOVA results. % of analytes that display a significant difference due to "time", "temperature" or 
"time:temperature" in ground cereals. 
 
Time temperature time:temperature 
Sorghum White 45.16% 34.68% 14.52% 
Sorghum red 50.81% 43.55% 16.94% 
Teff 45.97% 34.68% 34.68% 
Barley 47.58% 25.81% 20.97% 
 
A) Barley 
 
Figure 4-29. PCA barley coloured on the basis of time of storage. PC1 explains 25% of the variation, PC2 explains 18% of the 
variation. 
B) Teff 
 
Figure 4-30. PCA teff coloured on the basis of time of storage. PC1 explains 19% of the variation, PC2 explains 17% of the 
variation. 
Storage 4ºC 
Storage 4ºC 
(17%) 
 (27%) 
(19%) 
 (27%) 
(18%) 
  
(25%) 
 (27%) 
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C) Sorghum White 
 
Figure 4-31. PCA sorghum white coloured on the basis of time of storage. PC1 explains 30% of the variation, PC2 explains 15% 
of the variation. 
D) Sorghum Red 
  
Figure 4-32. PCA sorghum red coloured on the basis of time of storage. PC1 explains 31% of the variation, PC2 explains 14% of 
the variation. 
 
 Oil seeds 
In oil seeds, when analysis of variance was done (Table 4-7), the results showed that 88% of the 
analytes were related to the variable species, and when the ANOVA was performed for each 
individual species (Figure 4-39) the values were very low: although chia black has almost 70% of 
analytes displaying a significant difference due to the variable time, the rest of the oil seeds had less 
than 30% of analytes related to time. Analytes showing a significant difference due to temperature 
are very low, sunflower has 14%, chia black 2% and chia white and flax 0. The analytes related to 
the interaction time:temperature are also very low, under 10% of analyse showing a significant 
difference. When trying to colour the PCAs (Figure 4-33, Figure 4-34, Figure 4-35, Figure 4-36, 
Figure 4-37 and Figure 4-38)  there was no colour coding that would explain such distribution on the 
PCAs in most of the cases. In the case of flax, the samples from day 0 until day 5 are allocated on the 
positive PC2 and the rest of the time points and temperatures are spread along the PCA not following 
any pattern. In the case of both chia samples there was a separation by biological duplicate driving 
Storage 4ºC 
Storage 4ºC 
(31%) 
 (27%) 
(14%) 
 (27%) 
(30%) 
 (27%) 
(15%) 
 (27%) 
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the PCA separation, but nothing else could be seen. For this reason, they were separated by biological 
sample being named as: chia white 1, chia white 2, chia black 1, chia black 2. After separating like 
this, just chia black1 and 2 produced a PCA (Figure 4-37 and Figure 4-38) that separated the samples 
by time of storage. In the case of chia black, there were some variables like analyte 18, HPx, decane, 
octanal and C18:0 that seem isolated and probably affecting the distribution of the PCA, but excluding 
them didn’t improve the explained variation or the samples distribution in the PCA, so they were kept 
in the analysis. In some cases like chia black (Figure 4-21) or sunflower (Figure 4-18) PCAs could 
explain up to 60% of the variation, and in those specific cases a very particular separation by time 
can be appreciated: 1) sunflower (Figure 4-18) has the samples from day 2 until the 15 on the right 
side of the PCA with the rest of the samples on the left side of the PCA; 2) similarly for chia white 
2(Figure 4-36), where days 20 and 30 are on the left side of the PCA and the rest of samples on the 
positive PC1; 3) chia black 2 (Figure 4-38) has samples from day 10 and 15 on one side of the PCA 
and the rest of the samples on the other side of PC1. 
Table 4-10. Simplified ANOVA results. % of analytes that display a significant difference due to "time", "temperature" or 
"time:temperature" in ground oil seeds. 
 time temperature time:temperature 
Chia Black 69.05% 2.40% 7.14% 
Chia White 26.19% 0 2.38% 
Sunflower 23.80% 14.29% 4.76% 
Flax 7.14% 0 2.40% 
 
 
A Sunflower 
 
Figure 4-33. PCA sunflower coloured on the basis of time of storage. PC1 explains 37% of the variation, PC2 explains 
24% of the variation. 
(37%) 
 (27%) 
(24%) 
 (27%) 
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B Flax 
 
Figure 4-34. PCA flax coloured on the basis of time of storage. PC1 explains 34% of the variation, PC2 explains 14% of 
the variation. 
C Chia White 1 
 
Figure 4-35. PCA chia white 1 coloured on the basis of time of storage. PC1 explains 39% of the variation, PC2 explains 
20% of the variation. 
D Chia White 2 
 
Figure 4-36. PCA chia white 2 coloured on the basis of time of storage. PC1 explains 38% of the variation, PC2 explains 
17% of the variation. 
(39%) 
 (27%) 
(14%) (34%) 
 (27%) 
(20%) 
(38%) (17%) 
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E Chia Black 1 
 
Figure 4-37. PCA chia black 1 coloured on the basis of time of storage. PC1 explains 47% of the variation, PC2 explains 
15% of the variation. 
F Chia Black 2 
 
Figure 4-38. PCA chia black 2 coloured on the basis of time of storage. PC1 explains 41% of the variation, PC2 explains 
15% of the variation. 
In general, when comparing all the PCAs together we see that there is a big difference between the 
oil seeds and cereals/pseudo cereals. In cereals and pseudo cereals there is a clear separation by time 
of storage, where the last time points are always on one side of the PCA and the samples stored during 
the first month are on the opposite side of the PCA. On the other hand, oil seeds don’t follow any 
consistent trend. After trying to colour code by the different variables (time of storage, temperature 
of storage) that could possibly explain the separation, none of them did explain the separation. The 
difference between the properties of oil seeds when ground or intact is much greater than the 
difference in cereals and pseudo cereals. 
There is a clear difference when comparing results from the intact and ground grains, and this 
difference in texture or physical condition is the variable that affects the most analytes. In intact 
cereals and pseudo cereals, temperature is the variable driving the separation between samples in the 
PCA, so there is a difference between storing the grains at 4, 23 or 38ºC. When the grains are ground, 
the variable that most affects the degradation is the length of time the samples are stored at 23 and 
38ºC. What this means is that once compartmentalization breaks down, degradation is going to occur 
quickly, so the time is more important than the temperature, unless the grains are stored at 4ºC. Oil-
(15%) (47%) 
(41%) (15%) 
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seeds however, do not fit with the cereals and pseudo cereals descriptions and they show a very 
different behaviour even amongst oilseeds themselves: flax doesn’t display a significant difference 
due to temperature and very little due to time in both cases (intact and ground). Chia black shows 
more relation to time when it is ground, that could be explained by the fact that it is a very stable 
sample and time just affects when it is ground and exposed to external agents, and enzymes in contact 
with lipids. Chia white and sunflower show less relation with time when ground than when intact, 
which in the case of sunflower, matches with the results of the fatty acid degradation when sunflower 
shows more instability when intact than when ground. In the case of chia white, it shows extreme 
instability when it is ground even when stored at 4ºC. 
Up to this point it has been seen how different the whole grains and seeds are when stored intact or 
ground. When they are ground their stability gets compromised and rapid lipid degradation can be 
seen from the results just shown: from the fatty acid degradation to the volatile compounds in the 
PCAs. There is certainly a difference between the botanical origins in that oil seeds especially didn’t 
produce as much volatile compounds as the other two groups and the statistical analysis was not as 
informative as in the case of the cereals and pseudo-cereals. The next steps in the analysis of results 
are: 1) to find the volatile compounds that could be good quantitative markers of lipid degradation by  
showing consistent statistical difference due to time, and a strong positive correlation with lipid 
degradation in relation to time in each individual ground whole grain; and 2) to find if the different 
biological groups have any of those analytes in common, since the goal would be to find a marker 
that could end up being a good quantitative marker of lipid degradation in a multigrain matrix.
 
Figure 4-39. ANOVA results. Percentage of analytes displaying a significant difference due to the variables “time”, “temperature”, 
time:temperature”. Time is in most of the cases the main factor affecting the samples degradation, followed by temperature.  
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4.3 Markers of degradation. 
In a multigrain matrix, finding a good quantitative marker for lipid degradation that can be widely 
used has been a challenge. The more information that is available, the easier it will be to find a good 
marker that allows quantification of the level of lipid degradation in a product. The results shown 
here are the volatile compounds that correlate strongly with different variables like time, or biological 
origin, which could be used to find, if not a common volatile compound as a quantitative marker 
along all grains studied, a volatile compound that is characteristic in each one of the botanical 
families. 
 1. Identifying the analytes that show a statistical relation (p<0.05) with time, specifically 
day 110, was the first goal, since time is the variable that is always related to the perception 
of the lipid degradation and subsequent rancidity. 
In Table 4-11 the results of the analytes related to time in each botanical family are shown. The 
ground pseudo cereals have a total of 42 analytes putatively identified related to time, where cereals 
have a total of 21, and oil seeds just 4. In table Table 4-12, just the analytes that are common to at 
least two of the botanical families are shown. 
Table 4-11. Analytes that show a statistical relation with time (p<0.05) in all the species in each one of the botanical families when 
they are ground. 
Pseudo cereals 
GROUND 
Cereals 
GROUND 
Oil seeds 
GROUND 
1-Butanol 1-Heptanol 1-Pentanol 
1-Hexanol 1-Octen-3-one Analyte 1824 
gamma-Hexalactone  1-Penten-3-one Tridecane 
Gamma-nonalactone  2-Butenal Octanoic acid 
2-Butanone 2-Heptanone  
2-Butenal 2-n-Butyl furan  
2-Heptanone Butane, 1-nitro-  
2-Heptenal, Z- Dodecane   
2-Hexanone Furan, 2-ethyl-  
2-Hexenal, E- Furan, 2-pentyl-  
2-Octanone Furfural  
2-Octenal, E- Heptanal  
2-n-Butyl furan Nonanal  
3,4-Pentadienal, 2,2-dimethyl- Octanal  
4-Nonene Pentanal  
Benzene, 1-methyl-3-1-methylethyl- A Pentane, 1-nitro-  
Butanal, 2-methyl- Propane, 1-nitro-  
Butanal, 3-methyl- Tridecane A  
Decanal cis-4-Decenal  
Heptyl formate Formic acid, heptyl ester o-Cymene  
Furan, 2-ethyl- alpha-Pinene  
Furan, 2-methyl-   
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Furan, 2-pentyl-   
Heptanal   
Heptane, 3-ethyl-5-methylene-   
Hexanal   
Hexane, 1-nitro-   
Hexane, 3-methyl-   
Nonanal   
Nonanoic acid   
Octanal   
Octane   
Octanoic acid   
Pentanal   
Pentane, 1-nitro-   
Phenol   
Propanal, 2-methyl-   
Propane, 1-nitro-   
Tetradecane A   
Tridecane   
cis-4-Decenal   
alpha-Pinene   
 
 
Table 4-12. Common analytes in the different botanical groups related to time (p<0.05 ) in ground pseudo cereals, cereals and oil 
seeds 
Ground pseudo cereals Ground cereals Ground oil seeds 
2-Butenal 2-Butenal Octanoic acid 
2-Heptanone 2-Heptanone Tridecane 
2-n-Butyl furan 2-n-Butyl furan 
 
Furan, 2-ethyl- Furan, 2-ethyl- 
 
Furan, 2-pentyl- Furan, 2-pentyl- 
 
Heptanal Heptanal 
 
Nonanal Nonanal 
 
Octanal Octanal 
 
Pentanal Pentanal 
 
Pentane, 1-nitro- Pentane, 1-nitro- 
 
Propane, 1-nitro- Propane, 1-nitro- 
 
cis-4-Decenal cis-4-Decenal 
 
alpha-Pinene alpha-Pinene 
 
 Octanoic acid  
 Tridecane  
 
In Table 4-13 it is shown that when comparing the analytes present in the intact and in the ground 
whole grains, the cereals don’t have any analytes in common, the pseudo cereals have 10 and the oil 
seeds 2 (Table 4-13). Since the results from the previous subchapter 4.2 (intact whole grains) show a 
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relative stability in the samples due to compartmentalization and lack of contact with hydrolytic and 
oxidizing agents, and the fact that the number of analytes related to time was so limited, especially in 
the grains group, it was not useful since we are looking for an analyte that quantifies lipid degradation 
in a multi-grain matrix. It is understandable that the changes happening in the ground whole grains 
during their storage for 110 days will have a relation to rancidity, this last assumption is done due to 
the obvious sensorial changes noted by the researchers monitoring the experiments. For these reasons, 
just analytes related to time in ground whole grains will be considered to avoid false positives when 
looking for analytes related to lipid degradation and possible relation to rancidity perception. 
Table 4-13.  Common analytes the pseudo cereals and oil seeds have in common when they are intact and ground which are related to 
time (p<0.05 ). Cereals didn’t show common analytes related to time when ground and intact.  
Pseudo cereals (ground + intact) Cereals (just ground)* Oil seeds (ground + intact) 
 1-Hexanol 2-Butenal Tridecane 
2-Heptanone 2-Heptanone Octanoic acid 
Furan, 2-pentyl- 2-n-Butyl furan  
Heptanal Furan, 2-ethyl-  
Hexanal Furan, 2-pentyl-  
Hexane, 1-nitro- Heptanal  
Nonanoic acid Nonanal  
Pentane, 1-nitro- Octanal  
Propane, 1-nitro- Pentanal  
cis-4-Decenal Pentane, 1-nitro-  
 Propane, 1-nitro-  
 cis-4-Decenal  
 alpha-Pinene  
*Intact grain just had one analyte related to time and it was not present in the ground grains (probably 
due to the stability of the grains) 
 
 
 2. The second goal is to determine which analytes of the ones showing a statistical relation 
have a strong positive correlation with storage time, which ones do the different biological 
groups have in common (if any) and which FA is their precursor. 
 
In Table 4-11 the analytes statistically related to the variable time in each botanical origin group are 
shown, but the strength of the relation is unknown. Therefore, a correlation matrix was constructed 
to find out which analytes were strongly positive correlated to time in each botanical group (Table 
4-14). To find the best analytes related to lipid degradation, just the samples stored ground and at 
38°C were used since it has been shown that is the most unstable storage condition. It was found that 
oilseeds didn’t show strong correlations with time, in fact all the correlations were under 0.2 (see in 
appendix Table 7-1), pseudo-cereals had 15 analytes that show statistical relation with time and are 
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strongly positively correlated; cereals have 13 analytes although 8 of those show a correlation 
between 0.4 and 0.6, whereas the ones in pseudo-cereals are above 0.6. 
Since our goal is to find analytes in common, in Table 4-14 the analytes that both groups have in 
common are shown, with the intention of finding the ones that could be good indicators in a multi-
grain matrix. Although we have seen so far that oil seeds don’t behave like the cereals and pseudo-
cereals; this will be discussed in subchapter 4.5 (general discussion). In Table 4-14, the 7 analytes 
highlighted are the ones that both biological groups have in common and which show statistical 
relation and a strong positive correlation to the variable time; these are mostly aldehydes with two 
furans also present: furan, 2-ethyl and furan, 2-pentyl. 
Table 4-14. Correlation matrix results: Just selected the analytes which concentration show the highest correlation coefficient to the 
variable time, indicating an increase of concentration with time. 
Pseudo-cereals Concentration-
Time 
(correlation 
coefficient) 
Cereals Concentration-
Time 
(correlation 
coefficient) 
Furan, 2-pentyl- 0.864 Furan, 2-ethyl- 0.731 
Octanal 0.855 Heptanal 0.697 
Heptanal 0.806 Furan, 2-butyl- 0.663 
2-Heptanone 0.794 Nonanal 0.650 
Nonanoic acid 0.773 Pentanal 0.641 
Furan, 2-ethyl- 0.772 2-Butenal 0.590 
Decanal 0.771 Octanal 0.583 
Nonanal 0.741 2-Heptanone 0.552 
Pentanal 0.722 1-Penten-3-one 0.531 
Hexane, 1-nitro- 0.720 Furan, 2-pentyl- 0.517 
2-Heptenal, Z- 0.694 cis-4-Decenal 0.513 
Heptane, 3-ethyl-5-methylene- 0.667 Butane, 1-nitro- 0.510 
2-Butanone 0.653 1-Octen-3-one 0.491 
Heptyl formate (Formic acid, heptyl ester) 0.650 Pentane, 1-nitro- 0.442 
Hexanal 0.629 
  
 
Table 4-15 includes more specific information from the literature on which FA is the likely precursor, 
what their odour threshold value is, and what aroma/s is/are related to them since the odours of the 
individual compounds are not obviously related to rancid aromas. In the next subchapter of results 
(4.3) these analytes will be quantified to find which ones show a stable increase in time. Analytes 
may not have constant increasing levels, instead they could have irregular increasing and decreasing 
levels since they are precursors to other smaller molecules (refer to Figure 2-3). By quantifying these 
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analytes in Table 4-15 and graphing their levels against time, we will be able to see which ones fulfil 
the requirements to be used as quantitative markers of lipid degradation in a multigrain matrix. 
Table 4-15. FA precursor, odour threshold and aroma of the analytes that cereals and pseudo-cereals have in common showing 
statistical positive relationship to storage time. 
Analyte FA Reference Odour threshold 
value (ppm) 
Aroma 
Furan, 2-ethyl- C18:3 (Buettner, 2017; 
Zellner, Dugo, Dugo, 
& Mondello, 2008) 
2.3 (Giri, Osako, & Ohshima, 
2010; Mohamed, Man, Mustafa, 
& Manap, 2012) 
8 (Evans, Moser, & List, 1971) 
Pungent, rubber burnt (Giri et al., 
2010; Kaseleht, Paalme, & Leitner, 
2011) 
Butter, caramel(Nijssen, 1963-2018) 
Furan, 2-pentyl- C18:2 (Buettner, 2017) 0.019(Yang, Shewfelt, Lee, & 
Kays, 2008) 
5.8 (Giri et al., 2010; Mohamed 
et al., 2012) 
Butter, green bean(Nijssen, 1963-
2018) 
Floral fruit(Yang et al., 2008) 
Beany, grassy, licorice (Giri et al., 
2010; Kaseleht et al., 2011; Y. Zhang, 
Lo, Li, & Guo, 2010)  
Pentanal C18:2 (Buettner, 2017) 2.64(Brewer & Vega, 1995) Green (Nijssen, 1963-2018) 
Nutty, sweet (Yang et al., 2008) 
Heptanal C8:1, C18:2 (Belitz et al., 2009) 0.26 (Laska & Ringh, 2010) 
0.23 (Brewer & Vega, 1995) 
Fresh, green, citrus odor (Wishart et 
al., 2018) 
Octanal C18:1 (Buettner, 2017) 0.4 (Yang et al., 2008) 
0.17 (Laska & Ringh, 2010) 
Citrus, fat, green, oil, pungent, 
soap, sweet (Nijssen, 1963-2018) 
Citrus (Yang et al., 2008) 
Nonanal C18:1 (Buettner, 2017; 
Grosch, 1987) 
2.6 (Yang et al., 2008) 
1 (Swift, 1999) 
Sea, aldehyde, citrus, green, 
citronella, grass, ﬂoral, citrus 
(Nijssen, 1963-2018) 
Citrus, fatty (Yang et al., 2008) 
2-Heptanone C18:1 (via 
3-oxoctanoic 
acid)  
(Buettner, 2017; 
Gehrig & Knight, 
1963; Swift, 1999) 
0.47 (Cometto-Muniz, Cain, & 
Abraham, 2004) 
1.5 (Swift, 1999) 
Fruit, green, nut, soap (Nijssen, 
1963-2018) 
 
 
 
3. Is it possible that the storage condition affects differently the different samples with 
respect to the production of different volatile compounds?  
To have a better understanding of the volatile compounds produced during lipid degradation we also 
investigated which volatile compounds are produced in each sample under the three different storage 
conditions. The goal is to find which volatile compounds are common in each storage condition for 
each botanical origin and if they also are present in the others. All this information will help in 
understanding if there are other analytes that we should keep in consideration in case there are better 
quantitative markers for each case when there is a single grain matrix. 
In the following tables for cereals and pseudo cereals (Table 4-16 and Table 4-15) just the analytes 
with a correlation >0.6 are shown. For oil seeds, no analytes show positive correlation above 0.5, but 
several analytes show negative correlations between -0.5 and -0.6 (Table 4-17), these rather 
inconclusive results will be discussed in the general discussion (Chapter 5). The results for pseudo-
cereals in Table 4-16 compared to the ones for cereals in Table 4-17 show overall in any storage 
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condition, that pseudo-cereals have more analytes related to storage condition, even at 4ºC, whereas 
in cereals, just barley and sorghum white have one and two analytes related to time, in contrast to the 
pseudo-cereals where there are 3 to 14 analytes showing a relation with time when stored at 4ºC. 
When we inspect the results per botanical origin in the pseudo-cereals group, Table 4-16, when stored 
at 4ºC there is no analyte in common in the three pseudo-cereals, but buckwheat and quinoa red have 
tridecane in common. When the pseudo-cereals are stored at 23ºC they all have in common nonanoic 
acid, furan 2-pentyl, 2-heptanone and octanal. Buckwheat and quinoa white also have in common the 
three furans: furan 2-butyl, furan 2-ethyl, furan 2-pentyl and propanol 2-methyl. When stored at 38ºC 
there is no analyte they all have in common and there are no furans either, but buckwheat and quinoa 
white have in common heptyl formate and both quinoas have in common heptanal, octanal 
tetradecane, nonanal, octanoic acid and tridecane. In conclusion and answering the question: are there 
volatile compounds produced in common due to the storage condition? The answer in the case of the 
pseudo-cereals is not at 4ºC and 38ºC but yes at 23ºC. A second observation is that there are a 
considerable number of furans present across the storage at 23ºC. Quinoa red also has tridecane as an 
analyte showing strong positive correlation to storage time under the three storage conditions. 
In the case of the cereals (Table 4-17) the number of analytes is much lower than in the case of 
pseudo-cereals and there are no analytes in common across the samples. Looking for analytes present 
in the samples independently of the storage condition, just teff has furan, 2-ethyl when storage is at 
23 and 38ºC since it doesn’t show any analyte at 4ºC storage, most probably due to high stability 
based on the previous results shown. On storage at 4ºC we see that teff and sorghum red don’t have 
any analytes related to time at this storage condition, barley has alpha-phellandrene, a cyclic 
monoterpene and sorghum white already has 1-heptanol and furan 2-pentyl, which are molecules that 
appear in already degraded samples, this is a sign of how unstable sorghum white is when it is ground. 
When the grains are stored at 23ºC, carboxylic acids show a high correlation with time, barley and 
teff have propanoic acid showing a high correlation (>0.74), sorghum white and sorghum red have 
nonanoic acid in common with correlation levels of 0.65-0.7. Storage at 38ºC shows nothing in 
common between the samples, both sorghums have just 1 and 2 analytes correlating, but both are 
high correlations (>0.77) and are 5-carbon alcohols; barley has three out of four 4-carbon chain 
aldehydes and ketones and teff has a variety of volatile compounds with three out of five being 7-
carbon chains. In conclusion, in the case of the cereals, they don’t have any volatile compounds in 
common being characteristic of a specific storage condition and being correlated to the variable time. 
Some common volatile compounds between cereals characteristic of storage at 23ºC are propanoic 
acid in barley and teff and nonanoic acid in both sorghums. 
  
81 
 
Table 4-16. Correlation matrix pseudo-cereals. Analytes with a p-value ≤.0.5 and showing a correlation coefficient >0.6 to the variable 
time in each sample at each storage condition. Showing the relation between the increase in concentration of the analytes with time. 
Pseudo-cereals 
4°C Buckwheat  Quinoa Red  Quinoa White 
5-Hepten-2-one, 6-methyl- 0.701 Tetradecane C 0.743 Acetic acid, 2-ethylhexyl ester 2-ethylhexyl 
acetate 
0.610 
Furan, 2-methyl- 0.724 2-Heptenal, Z- 0.601 Terpinolene-Cyclohexene, 1-methyl-4-1-
methylethylidene- 
0.645 
Tridecane 0.737 5-Hepten-2-ol, 6-methyl- 0.647 Hexane, 1-nitro- 0.660 
1-Hexanol 0.693 Tridecane 0.674 
 
  
1-Nonanol 0.625 beta-Phellandrene 0.662 
 
  
2-Heptenal, Z- 0.699 
   
  
3,5-Octadien-2-one, E,E- 0.605 
   
  
3-Octen-2-one, E- 0.612 
   
  
5-Hepten-2-ol, 6-methyl- 0.688 
   
  
Heptyl formate Formic acid, 
heptyl ester 
0.617 
   
  
Furan, 2-pentyl- 0.614 
   
  
Hexane, 1-nitro- 0.667 
   
  
Pyrazine, 2,5-dimethyl- 0.671 
   
  
cis-4-Decenal 0.624         
23°C Buckwheat  Quinoa Red  Quinoa White  
1-Butanol 0.704 Heptyl formate Formic acid, 
heptyl ester 
0.711 Nonanoic acid 0.718 
1-Pentanol 0.734 Nonanal ppm 0.715 2-n-Butyl furan 0.612 
2-Heptenal, Z- 0.705 Nonanoic acid 0.944 Furan, 2-ethyl- 0.630 
2-Octenal, E- 0.743 Octanal 0.792 Furan, 2-pentyl- 0.624 
2-n-Butyl furan 0.722 Octanoic acid 0.807 Octanal 0.631 
Decanal 0.715 Tridecane 0.714 Propanal, 2-methyl- 0.638 
Furan, 2-ethyl- 0.755 2-Heptanone 0.617 
 
  
Furan, 2-pentyl- 0.744 Furan, 2-pentyl- 0.694 
 
  
Hexanoic acid 0.753 Heptanal 0.644 
 
  
Pentanal 0.709 Hexane, 1-nitro- 0.614 
 
  
1-Penten-3-ol 0.623 Nonanal 0.664 
 
  
2-Butanone 0.685   
 
  
2-Heptanone 0.677 
   
  
2-Hexenal, E- 0.606 
   
  
2-Octanone 0.639 
   
  
Butanal, 3-methyl- 0.692 
   
  
Octanal 0.629 
   
  
Propanal, 2-methyl- 0.610         
38°C Buckwheat  Quinoa Red  Quinoa White 
Benzene, 1,2,3-trimethyl- 0.725 2-Butanone 0.755 Heptyl formate Formic acid, heptyl ester 0.701 
Benzene, 1,2,4-trimethyl- 0.781 Butanal, 2-methyl- 0.800 Nonanal 0.808 
Heptyl formate Formic acid, 
heptyl ester 
0.738 Furan, 2-ethyl- 0.707 Nonanoic acid 0.750 
  
 
Heptanal 0.702 Octanal 0.725 
  
 
Octanal ppm 0.712 Octanoic acid 0.728 
  
 
Propanal, 2-methyl- 0.784 Tetradecane C 0.738 
  
 
Tetradecane C 0.781 Tridecane 0.712 
  
 
2-Butanol, R- 0.674 Heptanal 0.666 
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2-Butenal 0.627 Hexane, 1-nitro- 0.678 
  
 
2-Heptanone 0.622 Octanal 0.689 
  
 
2-Octanone 0.626 
 
  
  
 
Decanal 0.617 
 
  
  
 
Furan, 2-pentyl- 0.666 
 
  
  
 
Heptane, 3-ethyl-5-
methylene- 
0.639 
 
  
  
 
Naphthalene 0.621 
 
  
  
 
Nonanal 0.668 
 
  
  
 
Octanal 0.688 
 
  
  
 
Octanoic acid 0.670 
 
  
  
 
Pyrazine, 2,5-dimethyl- 0.646 
 
  
    Tridecane 0.631     
Molecules that are (+) correlated to storage at different storage conditions 
Table 4-17. Correlation matrix cereals. Analytes with a p-value ≤0.05 and showing a correlation coefficient >0.6 to the variable time 
in each sample at each storage condition. Showing the relation between the increases in concentration of the analytes with time. 
Cereals 
 
Barley Teff Sorghum White Sorghum Red 
4°C alpha-Phellandrene 0.618     1-Heptanol 0.692     
        Furan, 2-pentyl- 0.620     
23°C Butanal, 3-methyl- 0.631 2-n-Butyl furan 0.622 Furfural 0.667 1-Propanol 0.612 
Octanal 0.630 Furan, 2-ethyl- 0.646 Nonanoic acid 0.680 Nonanoic acid 0.649 
Octanoic acid 0.761 Propanoic acid 0.761         
Propanoic acid 0.749             
38°C 2-Butenal, 2-methyl-, E- 0.727 Furfural 0.708 2-Penten-1-ol, E- 0.773 2-Pentanol 0.785 
2-Butanone 0.638 1-Heptanol 0.681     Butanal, 3-methyl- 0.644 
Butanal, 3-methyl- 0.629 2-Heptanone 0.644         
Propanal, 2-methyl- 0.659 2-Heptenal, Z- 0.661         
    Furan, 2-ethyl- 0.658         
 
Table 4-18. Correlation matrix oil seeds. Analytes with a p-value ≤0.05 and  showing a correlation coefficient <-0.5 to the variable 
time in each sample at each storage condition. Showing just a strong negative correlation coefficient (<-0.5), but no strong positive 
correlation coefficient (>0.5). 
Oil-seeds 
 
Chia Black Chia White Flax Sunflower 
4°C Analyte 1824 -0.556 
     
 
23°C Pentanal -0.511 Analyte 1816 -0.682 1-Heptanol -0.633 
 
 
 
   
1-Octanol -0.548 
 
 
 
   
1-Octen-3-ol -0.548 
 
 
 
   
Ethylbenzene -0.543 
 
 
38°C Heptanal -0.528 
     
 
Octanoic acid -0.535 
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Discussion 
In the results from subchapter 4.2, we have seen how different the ground whole grains are from the 
intact ones: how susceptible they are to lipid degradation, and how samples that were stable when 
they were intact can become very unstable when they are ground, like the cases of sorghum white 
and sorghum red and the case of chia black and white. After confirming that ground whole grains 
suffer dramatic lipid degradation in most cases, we decided to use just them to find the best 
quantitative markers of lipid degradation that could be used in a multi-grain matrix such as whole 
grain bread or whole grain crackers. Once we had all the volatile compounds produced in each sample 
at each time point under each storage condition, the idea was to find those analytes that show a 
statistical relation to time (p<0.05) and also a strong positive correlation to time (>0.7). This way we 
will know which analytes increase with time, which is what we are looking for: analytes that increase 
predictably with time in a wide range of whole grains. The first problem faced is the fact that oil-
seeds don’t behave like the cereals and pseudo-cereals; they do not produce the same amount of 
analytes and, when looking for correlations, the number of analytes that show statistical difference 
due to time is very small, those analytes are not similar to the ones in cereals and pseudo-cereals and 
the correlations are weak compared to the other two botanical groups, so we have focussed on the 
analytes from cereals and pseudo-cereals. A short list of 7 analytes was obtained after selecting just 
the analytes that both botanical groups had in common that show statistical relation and a strong 
positive correlation to time. 
Table 4-11 shows the analytes with a statistical relation with time (p<0.05) in cereals and pseudo 
cereals and Table 4-12 lists the analytes that both groups have in common. In order to assess the 
markers, when looking at the loadings plot of a PCA performed on cereals and pseudo cereals together 
(Figure 4-6), it would be expected that common analytes would not discriminate between the samples, 
and therefore be found in between the two sets of samples. In order to appreciate that distribution, a 
biplot (Figure 4-40) has been constructed from the previously presented PCA (Figure 4-6). Notice 
here that just day 0 and 30 are being analysed since at this stage the analysis of cereals and pseudo 
cereals was done together subsequently the analytes were separated by botanical origin. In this biplot 
(Figure 4-40), the dashed blue line shows the separation between both groups of samples, so it is 
easier to appreciate the location of the analytes regarding each one of their groups. The analytes in 
pink, which are the ones that showed a relation with time in pseudo cereals, are on the left side of the 
biplot, where the pseudo cereals stored for 30 days at 23 and 38ºC are located;  the orange analytes 
are distributed at the middle bottom area of the biplot, where some of the cereals stored during 30 
days at 23, 38ºC are located, which specifically are the ones further away from the samples at day 0 
which means those samples  are the ones showing the greatest difference with the fresh ones and 
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being more degraded. In green, are the analytes that based on the results from the statistical analysis 
that has been shown before on Table 4-11 and Table 4-12 show a strong statistical relation with time 
and are common in both groups, and as expected these are located in the middle bottom of the CPA 
since they are the ones that both groups have in common and should therefore be represented in both 
groups when there is lipid degradation. Although it seems like there are more analytes that are in 
common in both groups surrounding the ones highlighted in green, these ones will not be considered 
since statistical analysis showed that they were not positively correlated with time; in fact they could 
have high levels at day 30 but they do not consistently increase with time in the groups of samples up 
to day 110. For these reasons, they are not going to be considered as possible quantitative markers of 
lipid degradation. 
It was expected that analytes showing a strong relation to lipid degradation in each of the botanical 
origin groups would be found that could act as discriminant analytes. Although there is a separation 
between the analytes related to each group, there are only two cases where specific analytes from a 
botanical group show potential to be good quantitative markers. These analytes are: 1) butane, 1-
nitro-, which is characteristic of degraded cereals but is allocated next to hexane, 1-nitro-, which is 
characteristic of pseudo-cereals, explaining why that particular volatile compound is not closer to the 
other ones characteristic of cereals, since the volatile compounds with a nitro-group in them are 
clustered together as pointed out in the PCA (Figure 4-40) 2-butanone is a volatile compound that is 
characteristic of lipid degradation in pseudo cereals but appears on the bottom right side of the PCA, 
where the cereals are found. This can be explained by reference to Table 4-16, where even though 2-
butanone shows a high correlation to pseudo cereals, it also shows a strong relation to barley which 
could have driven the location of that particular analyte. 
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Figure 4-40. Biplot of figure 46, time 0 and 30 cereals and pseudo cereals together. Cereals are coloured in red and pseudo cereals 
in blue, the analytes that have shown a relation with time in the cereals have been coloured in orange, and the ones showing a relation 
with time in pseudo cereals have been coloured in pink; in green are the analytes that have shown a relation with time in both groups, 
cereals and pseudo cereals 
 
The 7 analytes that are common lipid degradation markers in both groups will be quantified using 
analytical standards in the next part of the project (subchapter 4.3) with a selected number of whole 
grains. From the results presented in this subchapter, the intention was to find if there were analytes 
related to the storage condition in each one of the botanical groups. Although there were a few 
interesting patterns like most of the carboxylic acid and furans correlating with the storage at 23ºC, 
storage condition did not appear to be responsible for the production of a certain type of analyte, in 
fact they seem more related to the sample type than the storage condition. 
In the next subchapter of results (subchapter 4.3), ground barley, quinoa white and flax are analysed 
and specific antioxidants and thermal treatments will be applied with the aim of extending their shelf 
lives. Using the 7 analytes that have been identified as possible good quantitative markers, they will 
be quantified using standards and studied along time to find if they fulfil the criteria of being good 
quantitative standards of lipid degradation. 
  
Volatile compounds 
Cereals 
Pseudo cereals                                
Analytes related to time in cereals 
Analytes related to time in pseudo 
cereals 
Analytes related to time in cereals and 
pseudo cereals. 
Samples on day 0 and 
day 30 (stored at 4ºC) 
Samples on day 30 
stored at 23 and 38ºC 
Samples on day 0 and 
day 30 (stored at 4ºC) 
Samples on day 30 
stored at 23 and 38ºC 
Volatiles 
compounds 
with a nitrogen 
group 
(17%) 23% 
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4.4 Crackers and treatments. 
Previous results (4.1, 4.2) have shown that when the samples are stored intact compared to when they 
are stored ground there is a big difference in terms of lipid stability. In some cases, the difference can 
be from being one of the most stable samples when intact to being one of the most unstable ones 
when ground. Examples include chia white and sorghum red, from which we can see how important 
the quality of the raw material and intact compartmentalisation is, especially in the cases where the 
fatty acid composition makes the grain more susceptible to degradation. In some cases, like flax, even 
though the fatty acid composition would be predicted to make it very unstable when ground, the 
results did not show that. Instead flax is one of the more stable oil-seeds; this finding will be expanded 
on in the final discussion (Sub-chapter 4.4, page 86). 
Following the degradation that happens when the samples are ground, the analytes that vary 
systematically with time and are common to the two main groups (cereals and pseudo-cereals), have 
been selected as possible quantitative markers of lipid degradation. These markers will be quantified 
in this sub-chapter when quinoa white, barley and flax are ground and stored for 14 weeks, the 
experimental design is explained on page 29. The ground whole grains will be treated with natural 
antioxidants or heat with the goal of extending their shelf-life by preventing the lipid degradation as 
much as possible. The aim of this work is to: 1) define at least one analyte as a good quantitative 
marker of lipid degradation and 2) use this marker(s) to identify which treatment(s) can best extend 
the shelf-life of the ground whole grains. 
 Experiment conditions 
Three samples were selected, one from each of grains, pseudo-grains and oilseeds, to be ground and 
treated with different natural antioxidants and thermal treatments. The samples chosen were barley, 
quinoa white and flax, because they are relatively stable and broadly consumed. The natural 
antioxidants used were: rosemary-tocopherol extract and lemon myrtle leafs, with BHA as a positive 
control and they were applied mixed with shortening to ensure a homogeneous distribution in the 
ground whole grains. Adding shortening into grains is used in the food industry to make a range of 
products, e.g. crackers. The thermal treatments were dry heat and wet heat. For more information 
about the samples and/or treatments, refer to page 29, in chapter 3 “materials and methods” where 
they are explained in detail. 
To standardise the dosage levels of antioxidants, their TAC (Total Antioxidant Capacity) was 
measured to ensure that the same TAC was applied for each antioxidant. The use of BHA is regulated 
by FSANZ in Australia, the maximum amount allowed being 0.04g in our case. This level was 
therefor used to calculate the amount of each antioxidant required to obtain the same TAC as BHA. 
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The results in Table 4-19 show that to have the same TAC as 0.04g of BHA, 8Kg of lemon myrtle 
leafs, almost 28Kg of lemon myrtle oil or almost 3Kg of rosemary-tocopherol extract would be 
needed. From these results we conclude that the permitted level of BHA is not the limiting factor. In 
fact, after discarding lemon myrtle oil, the limiting factor is the lemon myrtle leafs since its TAC is 
the lowest and they also will be expected to add aroma and taste to the whole grains. In order to find 
the most suitable amount, it was decided to try 50, 75 and 100 grams of lemon myrtle leafs in the 
shortening mixed into the ground whole grains to achieve an acceptable low sensorial perception 
contribution from the lemon myrtle leafs. When preparing the grains mixed with the shortening, they 
were done copying the recipe for whole grain crackers explained in Chapter 3.3, to be able to 
appreciate how it will be perceived in a commercial product. We found that option 2 (Table 4.20), 
with 75grams of lemon myrtle leafs in the 185g of the shortening was the maximum amount that 
could be used, so we had to use in each case: 0.37mg of BHA and 27.5g of rosemary-tocopherol 
extract. 
Table 4-19. TAC of the different antioxidants used in the treatments. 
 
2 3 4 5 
 
TAC in 19600 μg μg forTAC= 1 
g with equivalent 
TAC to 0.04g BHA  grams to add to the 185g shortening 
        Option 1 Option 2 Option 3 
LM Leaf 2500 7.84 8043.97 50 75 100 
LM oil 0.72 27000 27782361.03 - - - 
BHA 502900000 3.90E-05 0.04 2.49E-04 3.73E-04 4.97E-04 
Rosem+tocoph 6800 2.88 2955.29 18.37 27.55 36.74 
 
 Quantitative markers 
The seven analytical standards selected as possible good quantitative markers of lipid degradation 
(refer to page 77) have been evaluated in this shelf-life experiment using head space analysis with a 
GCxMS-TOF. The results of the standard curves are in the annex, page 138. To be a good quantitative 
marker of lipid degradation that could also be potentially related to rancidity, we are looking for an 
analyte that increases with time and shows stability. As discussed in the literature review, some of 
the volatile compounds are highly reactive and will break down and/or form new volatile compounds. 
For this reason, our first goal in this section is to find a marker that will be stable, i.e. consistently 
increasing with time. From the results of the possible quantitative markers measured in the control 
samples (Figure 4-41), the best markers for each sample are: 1) in the case of quinoa white, 2-
heptanone, furan 2-ethyl, furan 2-pentyl, octanal and pentanal, which all have a steady increase 
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and no plateau; 2) in the case of barley, the markers that show a stable increase are 2-heptanone, 
furan 2-pentyl, nonanal and pentanal; from these 4 the ones with a more accentuated increase and late 
or no plateau are 2-heptanone and furan 2-pentyl; 3) in the case of flax, furan 2-ethyl, furan 2-
pentyl, 2-heptanone and heptanal show accentuated increase and no plateau. 
 
 
 
 
Figure 4-41. Possible quantitative markers measured in the control samples stored for up to 14 weeks. 
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The analytes highlighted above were selected for quantification as markers for each one of the 
treatments in the three different whole grains, to ensure homogeneous and reproducible results 
between the most stable quantitative markers. The results are expressed by calculating the difference 
between the logarithmic scale of the area under the curves of each time point and day 0. 
In the results Figure 4-42 and Figure 4-43 the control was expected to show the largest changes and 
most of the markers show that, followed by wet heat treatment except in the case of the markers furan 
2-ethyl, octanal and pentanal. On the other hand, rosemary-tocopherol and dry heat were shown to be 
the best two treatment, except in the case of furan 2-ethyl. At this point we will discard furan 2-ethyl 
as a possible general marker for lipid degradation and possible future relation to rancidity; we would 
also not recommend pentanal and octanal. Compared to other markers, pentanal does not experience 
big variation in some treatments showing a plateau behaviour when other markers show an increase 
in levels. Octanal shows more variation but follows the same trend as pentanal. For both pentanal and 
octanal there is a marked increase after week 8 for BHA-treated samples, not seen for other markers. 
Pentanal and octanal are both aldehydes and are typically more reactive than ketones since aldehydes 
are less hindered than ketones (a hydrogen atom is smaller than any other organic group), and the 
carbonyl carbon in aldehydes generally has more partial positive charge than in ketones due to the 
electron-donating nature of alkyl groups; aldehydes only have one e- donor group while ketones have 
two. From the results obtained, furan 2-pentyl and 2-heptanone are the most stable and 
reproducible quantitative markers. There is one limitation with the use of furan 2-pentyl as a 
quantitative marker and that is the relation with chlorophyll; it has been shown that the presence of 
chlorophyll increases the levels of furan 2-pentyl. If it is proven that furan 2-pentyl is directly related 
to the organoleptic perception of rancidity, then using it as a marker will be ideal, but if not then it 
could affect the results as a false positive (J. Lee & Min, 2010). 
For the reasons explained above, in the case of the flax results in Figure 4-44 we will be just 
evaluating 2-heptanone since flax oil contains chlorophyll and in this case the results from furan 2-
pentyl and 2-heptanone are not similar. In this case, as can be appreciated from Figure 4-44, the best 
treatments are wet heat and lemon-myrtle leaves, with control the most unstable followed by dry heat 
and rosemary-tocopherol, which seems like it acts as a pro-oxidant in this particular case. 
The fact that markers show different behaviours is not unexpected since during this thesis we have 
experienced difficulties interpreting the oil-seeds results. We hypothesize that the headspace analysis 
for the oil-seeds did not give results as reliable as for the cereals and pseudo-cereals as only a few 
volatile compounds were detected, and these showed a weak statistical relation with time; also see 
results of the previous subchapter, from page 70. This matter will be expanded on in the final 
discussion on chapter 4.4 on page 86. 
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To assess better the two markers that have been preselected as good quantitative lipid degradation 
markers, a correlation matrix was done to find which analytes correlate negatively the most with the 
fatty acid C18:1 and C18:2 which are the precursors for 2-heptanone and furan 2-pentyl (Figure 4-28). 
The results show that in the case of C18:1, 2-heptanone has a correlation coefficient of -0.48, being 
the fifth negatively stronger; in the case of C18:2, furan 2-pentyl has a correlation coefficient of -0.42 
being the 16th in the list. The reason why the markers the show the strongest negative correlation 
haven’t been chosen is because they didn’t show to be statistically correlated to the variable time or 
they didn’t show enough stability with the increase (showing fluctuations in value). 
Table 4-20. The correlation coefficient of the analytes considered as possible good quantitative markers with their precursor FA. In 
the second row are the analytes that have the strongest negative correlation with their correlation coefficient. 
 C18:1 (2-heptanone) C18:2 (furan, 2-pentyl) 
Position in the ranking 
(correlation coeficient)  
5  
(-0.48) 
16  
(-0.42) 
First position in the ranking 
(correlation coefficient) 
Furan, 2-ethyl-  
(-0.53) 
2-Heptanone  
(-0.59) 
 
In this subchapter we have used the analytes that showed a good statistical relation with the changes 
due to storage, as shown in the previous subchapter (4.3) with the goal of exploring the degradation 
in each grain following treatment with different antioxidants and thermal treatments. The results from 
barley and quinoa white, representing cereals and pseudo-cereals, show good relation between the 
analytes 2-heptanone and furan 2-ethyl and the lipid degradation, suggesting that rosemary-
tocopherol first and dry heat second are the best treatments to extend the shelf-life of the wholegrains; 
wet heat seems to be the worst treatment by acting similar to the control. BHA works well as an 
antioxidant for the first 8 weeks, after that time point the antioxidant activity seems to disappear and 
the lipid degradation increases markedly in most cases, whereas the two natural antioxidants were 
more effective after long periods of time. If the concentration of BHA was higher it may well have 
better antioxidant capacity, but in this case, it was limited to the same TAC as the other antioxidants 
that were being used. BHA is a pure molecule that likely only works as an antioxidant, whereas the 
natural materials contain many molecules with potentially diverse functions. It is possible that for 
long term stability, antioxidant activity alone may not be sufficient to ensure against lipid oxidation. 
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 Possible quantitative markers of lipid degradation in pseudo-cereals. 
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Pentanal 
 
Figure 4-42. Possible quantitative markers of lipid degradation in pseudo-cereals. 
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 Possible quantitative markers of lipid degradation in cereals. 
 Barley  
2-heptanone 
 
Furan 2-pentyl 
 
Figure 4-43. Possible quantitative markers of lipid degradation in cereals. 
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 Possible quantitative markers of lipid degradation in oil seed. 
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Heptanal 
 
Figure 4-44. Possible quantitative markers of lipid degradation in oil-seeds. 
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Chapter 5 General discussion, final conclusion and recommendations 
for the food industry. 
Lipid degradation in grains involves a complex set of reactions, whose rates and outcomes depend on 
many factors, some of them biological and others related to the storage condition like temperature, 
packaging and UV light (Chapter 2).  
The biological factors that have a big impact on grain stability are primarily the fatty acid 
composition. Secondary factors include higher antioxidant capacity e.g. from coloured white grains 
(Koubová et al., 2018), or a grain grown in a cooler climate will have more PUFAs and growing in a 
warm climate will have more saturated FA (Krishnan, 2011), that difference although it can help but 
will not be enough to prevent the lipid degradation since PUFAs will still be majority in grains FA 
composition. An intact physical state of the grain (Figure 5-1 subfigure1) is a very important factor; 
the fact that the lipids and enzymes are separated in different areas of the grain by 
compartmentalization (Figure 5-1 subfigure 2. and 3.) helps prevent lipid degradation by enzymatic 
action (Figure 5-1 sub-figures 4., 5., and 6.), known as enzymatic rancidity, as well as protecting them 
from external agents like oxygen and UV light that will act as prooxidant agents resulting in what is 
called autooxidative rancidity (refer to Chapter 2). The importance of the compartmentalization has 
been showed in this thesis (Chapter 4) when the grains were ground and stored; such a big difference 
in stability between intact grains (Figure 5-1 subfigure 2. and 3.) and ground grains shows how 
important it is to preserve the good quality of the grain avoiding pro-oxidant agents coming in contact 
with the lipids, as it can be seen comparing the fatty acid degradation results in intact grains (Figure 
4-1 to Figure 4-3) versus ground grains (Figure 4-22 to Figure 4-24). Some particular grains are 
apparently resilient to decompartmentalization e.g. teff, chia black and flax seed. Their levels of 
linolenic acid (C18:3) are very high and they should have shown a lot of instability and a quick lipid 
degradation, instead, they show the strongest stability towards lipid degradation change, and after 
being ground stay stable for up to 10 days even when stored at 38ºC (Figure 4-23 and Figure 4-24). 
The reason for that stability is presumably the amount of endogenous antioxidants present in those 
particular grains, for which antioxidant activities have already been reported in the literature 
(Alaunyte et al., 2012; Ixtaina, 2012; Kajla et al., 2015; Koubová et al., 2018; Morais, 2011; Zhu, 
2018). 
 
97 
 
 
  
Figure 5-1. Steps through grain lipid degradation. Fig 1 Adopted from North American Milers’ Association. (North American Millers' Association). Fig 2 Histological composition of wheat grain. Adopted 
from (Surget, 2005). Fig 3 Adopted from (Grundy, Fardet, Tosh, T. Richa, & Wilde, 2018). Fig 4(Life) 
1. 
                     
 
5. 
6. 
4. Oil body (lipids) 
2.  3.  
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Finding quantitative markers of lipid degradation has been a major aim of this thesis, especially 
since the goal was to find a marker or markers that could be representative of grains in general. The 
main potential limitation was the link between the variable FA composition and the volatile 
compounds production; however most of the grains contain linoleic acid (C18:2) as the major fatty 
acid followed by oleic acid (C18:1); linolenic acid (C18:3) is present in a small proportion in most 
cases. Based on the results obtained in this project, the fact that furan,-2-pentyl- and 2-heptanone 
were identified as good quantitative markers matches with the fatty acid distribution for most of the 
grains, where linoleic acid in the main fatty acid and produces furan 2-pentyl, followed by oleic acid 
which is a 2-heptanone precursor. In case it is desired to work on a specific grain that is rich in C18:3, 
the analyte furan 2-ethyl- could be used as a lipid degradation marker since it has shown good stability 
and strong correlation to the degradation of its fatty acid precursor C18:3. In this project we have not 
used it since all our grains were richer in C18:2, but in some cases like flax or chia black with higher 
C18:3, furan 2-ethyl- could be used as a marker. What was considered as an important quality of lipid 
degradation markers was that they increased consistently with time and didn’t show fluctuations like 
other analytes did. The reason why some markers, like hexanal, fluctuate is because they are unstable, 
and they will react with other molecules and will break down into smaller molecules, as shown in 
Figure 2-3. Some molecules are more reactive than others, for example aldehydes are more reactive 
than ketones as confirmed by the identification of the most stable markers in Chapter4.4. 
For the work with oil seeds, the oil extraction and further analysis that were done with oil didn’t 
show any complication except for the headspace analysis. The results from the GC-MS TOF showed 
a very small number of analytes (32) compared to cereals (114) and pseudo cereals (117). When 
looking for strong correlation coefficients or number of analytes showing a statistical relation to time 
for oil seeds, we found that the correlations were not strong positively or negatively and that the 
number of analytes showing a statistical relation with storage time were very little compared to the 
other two botanical groups. For this reason, we believe that the high amount of oil in the oil seeds has 
affected the volatility of the volatile compounds and that we should have done a pre-treatment of 
those samples before doing a head-space analysis such as oil extraction or Solid-phase micro 
extraction (SPME). Although the results from the correlation matrix or the t-test using the volatile 
compounds cannot be used for oil seeds, the results from the fatty acid degradation gives enough data 
to know if they are stable or  degrade and when this happens. Consistent with this, the multivariate 
analysis including FA degradation and hydroperoxides data, gives PCAs that when compared to the 
results of the FA degradation help explain the behaviour of the oils seeds. For future work we 
recommend doing a pre-treatment such as SPME or oil extraction when working with oil seeds to 
ensure a good volatility of the volatile compounds. 
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When the samples were treated to extend their shelf-life, it was found that wet heat didn’t work as 
well as expected in contrast to expectations from published literature (Amarasinghe, 2009; Meera, 
Bhashyam, & Ali, 2011; Wijngaard & Arendt, 2006). The difference in our case is that we used 
ground grains which means that after the disintegration of the cellular structures that tend to stabilize 
lipids and separate them from enzymes, these are in contact with the lipids and that affects negatively 
the efficiency of the treatment (Haynes et al., 2012). Since wet heat doesn’t affect the antioxidant 
capacity like dry heat does (Wijngaard & Arendt, 2006), we suggest trying to steam the grains before 
they are ground as Haynes et al., 2012 also suggested. We suggest for future work using wet heat 
treatment on ground grains, enzyme activity should be measured to ensure the enzymes were 
inactivated after the treatment. Like wet heat, BHA treatment didn’t work as a good antioxidant which 
may seem surprising since it was meant to be our positive control, but the reason is probably because 
by law we could have used up to 0.04g of BHA instead we used 100 fold less to be able to equalize 
the total antioxidant capacity compared with the natural antioxidants tested. 
5.1 Conclusion 
In conclusion we can say that, of the factors that we have evaluated, the grain quality and the storage 
conditions are the most important in determining lipid degradation during storage. Ensuring that the 
grains are in good conditions, not damaged, and should be a top priority. Storing the grains or the sub 
product of them like their flours at 4ºC makes a big difference and helps maintain stability retarding 
the lipid degradation. The fatty acid composition also has a high impact on the stability of the samples 
when the storage condition cannot be controlled. The natural treatments used to extend the shelf life 
of the ground grains showed that rosemary-tocopherol was the most effective one, most probably due 
to the combined hydrophilic and lipophilic activities, followed by dry heat; wet heat was the least 
effective. With all our results we can make several suggestions to the food industry which are 
described below and a yes/no chart with the best way to extend the shelf-life of the grains based on 
their resources (Figure 5-2Figure 5-2. Yes/No chart to get the most extended shelf life grain based on 
the resources.). Potential markers for rancidity are ‘furan 2-pentyl and 2-heptanone, the most 
important factors in lipid degradation, and can be found in products rich in C18:2 and C18:1 
respectively. More extensive research and validation relating to the sensory profile would needed to 
be done. 
5.2 Recommendations for the food industry 
Food Standards Australia New Zealand (FSANZ) has established that “Wholegrain food is any food 
which uses every part of the grain including the outer layers, bran and germ. This definition applies 
even if these parts are separated during processing and regardless of whether the grain is in one piece 
or milled into smaller pieces.” By law a whole grain product must contain all the parts of the grain, 
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any grain. If the food processor made the selection of the grain based on their fatty acid composition, 
it should be possible to create more stable whole grain products with longer shelf-life by choosing 
the most stable grains. In most cases the most stable grains are those that contain less lipids and/or 
the less proportion of PUFAs. It is important to ensure the good quality of the raw material, no 
damaged or cracked grains, that could affect  the lipid degradation markedly, since after a specific 
step the reactions are exponential and there is no way to stop them.  
Even though the wholegrain products are chosen for their health benefits related to e.g. their fibre 
content and so-called good fats, which are monounsaturated and polyunsaturated FA, it may be better 
to choose those grains that contain less of the PUFAs since they are the most unstable ones. 
Storage condition is important since we have seen that storing the grains at 4ºC minimizes lipid 
degradation, keeping the samples as fresh as possible, even when they are ground or damaged. Storing 
the grains at low temperatures will improve their stability. 
To summarize the recommendations: 
1. Quality of the raw material is extremely important. Make sure the grains are not damaged. 
2. Choose grains with low amount of PUFAs. 
3. Storage is very important: 4ºC is ideal. 
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Figure 5-2. Yes/No chart to get the most extended shelf life grain based on the resources. 
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Chapter 7 APPENDIX 
7.1 R script to check data distribution and normalize data: 
InitDataObjects("conc", "stat", FALSE) 
mSet<-Read.TextData(mSet, "Replacing_with_your_file_path", "rowu", "disc"); 
mSet<-SanityCheckData(mSet) 
mSet<-ReplaceMin(mSet); 
mSet<-Normalization(mSet, "NULL", "LogNorm", "NULL", "Barl1_WG_D0_4C", ratio=FALSE, ratioNum=20) 
mSet<-PlotNormSummary(mSet, "norm_0_", "png", 72, width=NA) 
mSet<-PlotSampleNormSummary(mSet, "snorm_0_", "png", 72, width=NA) 
mSet<-SaveTransformedData(mSet) 
7.2 R script for metabolomics data correction 
## Import your data and take a look at the column headings 
cleaned <- read.csv("~/Google Drive/   SRA/student analyses/Lourdes/nov 16/Grains2.csv") 
names(cleaned)[1:10] 
# Extract the metabolite data 
metdata <- cleaned[-c(1:8)] 
# Create a subset of the QC samples 
qcs = subset (cleaned, grepl('Qa', cleaned$Sample)) 
factorcols=(qcs[1:8]) # This will be needed later 
qcs = subset(qcs, select=-c(1:8)) # Remove id/factors 
# How many missing values are there in the QC data? 
M2<-length(qcs[qcs =="NA"]) 
M2 # 3658 
dim(qcs) # 44 * 226 = 9944 
3658/9944*100 # 36.786, so more than a third of the QC data points have missing values 
# First count the number NAs in each column, then express as percentage in each column 
rescount <- sapply(qcs, function(x) sum(is.na(x))) 
resf <- as.data.frame(rescount/nrow(qcs)*100) 
# Identify those compounds with >50% NAs 
res50 = which(apply(resf,1,FUN = function(x){any(x >50)})) 
allcolumns <- 1:length(qcs) # integers of length of data 
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goodvars<-setdiff(allcolumns, res50) # index of variables with <50% presence of NAs 
cleandata<-qcs[,goodvars] # isolate data with >50% replication from original QC data via the 
'goodsamples' vector 
# Do the same with the original full data set 
repdata<-metdata[,goodvars] 
#How much have we been left with? 
dim(cleandata) 
length(cleandata[cleandata =="NA"]) 
 
## K Nearest Neighbour imputation 
library(impute) 
dim(cleandata) 
imp.qcs <- impute.knn(t(cleandata)) # This is the imputation 
imp.qcs.data <- as.data.frame(t(imp.qcs$data)) # Transpose the data so they are back to compounds 
in colu7mns, samples in rows 
dim(imp.qcs.data) # Just verifying that the data are in the right format 
qc.clean.knn=as.data.frame(cbind(factorcols, imp.qcs.data)) # Create a data frame with the original 
factors included 
# How many of the data points have been imputed in the QC data? 
M3<-length(imp.qcs.data[imp.qcs.data =="NA"]) 
M3 
 
## RSD 
# Original qc RSDs 
sds<-apply (imp.qcs.data, 2, sd,na.rm=TRUE) # variance 
ms<-apply (imp.qcs.data, 2, mean,na.rm=TRUE) # average by column 
ms=abs(ms) 
origcvs<-as.data.frame ((sds/ms)*100) 
names(origcvs)[1]='RSD' 
origcvs$compound = rownames(origcvs) 
# Plot the RSDs if you want 
library(ggplot2) 
ggplot(origcvs, aes (x=RSD)) + 
  geom_histogram(binwidth=10) + 
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  xlim(0,350)+ 
  ylim(0,100) + 
  ggtitle("original data RSDs")+  
  geom_vline(xintercept = 35) 
# Identify and count compounds with RSD >30% 
orighiRSD = subset(origcvs, RSD >30) # 137 
totsreject = subset(origcvs, RSD>100) # 87 
# At this stage, a further 87 compounds would have to be removed from the data before it is used and 
analysed. 
 
## LOESS correction 
# Need to reinsert â€ ˜imp.qcs.data' into data for loess treatment!! ---------------- 
QCIndices<-as.numeric(grep('Qa', cleaned$Sample)) # Vector of QC samples in original data 
repdata[QCIndices, ]<-imp.qcs.data # replace values for the QCs with KNN imputed values 
# Add in id/factors 
knn.df=as.data.frame(cbind(cleaned[1:8], repdata)) 
# labelling it 'knndata' as a reminder than the imputation step is carried out on the QCs already 
names(knn.df)[1:10] 
dim(knn.df) 
 
## LOESS correction script 
loess.correction<-function(x,y,subset=NULL,progress=TRUE,adjust="median",span=0.75,...){ 
#subset = logical specifying which subset of the data to be used for fitting 
  #adjust =  used to adjust post normalized data statistic to that of the pre normalized 
  if (progress == TRUE){ pb <- txtProgressBar(min = 0, max = ncol(x), style = 3)} else {pb<-NULL} 
  span<-tryCatch(rep(span,length.out=ncol(x)),error=function(e){span}) # recycle 
  res<-do.call("cbind",lapply(1:ncol(x),function(i){  
    tmp.x<-x[,i] 
    fit<-loess(tmp.x~y,subset=subset,span=span[i],...) 
    pred<-predict(fit,data.frame(tmp.x=tmp.x)) 
    if (progress == TRUE){setTxtProgressBar(pb, i)} 
    return(tmp.x-pred) # residuals for train and test 
  })) 
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  if (progress == TRUE){close(pb)} 
  if(!is.null(adjust)){ 
    scale1<-apply(x,2,adjust,na.rm=TRUE) 
    tmp<-sweep(res,2,apply(res,2,min,na.rm=TRUE),"-") # get rid of negative values 
    mins<-apply(x,2,min,na.rm=TRUE) 
    tmp<-sweep(tmp,2,mins,"+") 
    scale2<-apply(tmp,2,adjust,na.rm=TRUE) 
    adjustment<-scale1/scale2 
    res<-sweep(tmp,2,adjustment,"*") 
  return(res) 
 
## The correction ... 
# 1. Create a 'logical vector' for R to identify the subset of the data (the QC 
# data) that is to be used to correct the sample data. 
# 2. Create a vector to explicitly identify the injection sequence in the data. 
# 3. Create a matrix of all the metabolite data for the correction process 
sset=as.logical(grepl('Qa', knn.df$Sample)) # 1. Vector of the QC subset to be used for calculating 
correction 
sseq=seq(1:nrow(knn.df)) # 2. Injection sequence 
mset=as.matrix(knn.df[-c(1:8)]) # 3. Matrix of the metabolite data, remembering to remove the first 
five columns identifying factors 
# Run the LOESS function:  
corr.nl=loess.correction(mset, sseq, subset=sset) 
# Add back in the factors, and the column headings (names of the compounds) as these were removed 
when the matrix of metabolite data was created. 
final=as.data.frame(cbind(knn.df[1:8], corr.nl)) 
colnames(final)=colnames(knn.df) 
# Check RSD improvement 
# Extract the corrected QC data: 
cqcs = subset (final, grepl('Qa', final$Sample)) 
# Corrected qc RSDs 
sds<-apply (cqcs[-c(1:8)], 2, sd,na.rm=TRUE) # sd 
ms<-apply (cqcs[-c(1:8)], 2, mean,na.rm=TRUE) # average by column 
ms=abs(ms) 
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corrcvs<-as.data.frame ((sds/ms)*100) 
names(corrcvs)[1]='RSD' 
corrcvs$compound = rownames(corrcvs) 
 
# Plot the RSDs 
library(ggplot2) 
ggplot(corrcvs, aes (x=RSD)) + 
  geom_histogram(binwidth=10) + 
  xlim(0,350) + 
  ylim(0,100) + 
  ggtitle("corrected data RSDs")+  
  geom_vline(xintercept = 35) 
# Identify and count compounds with RSD >30% 
corrhiRSD = subset(corrcvs, RSD >30) # 46 
corrtotsreject = subset(corrcvs, RSD>100) # 0 
# Saved 41 compounds in the data, not too shoddy. 
 
## Final dataset 
# Remove the compounds with RSD greater than 30% 
corrfinal <- final[,!(names(final) %in% corrhiRSD$compound)] #234 
# If you want to create a final dataset composed only of the sample data, it is easy to remove the QCs: 
samples <- subset (corrfinal, !grepl('Qa', corrfinal$Sample)) 
samples <- subset (samples, !grepl('blank', samples$Sample)) 
 
## Not quite finished ... 
# Removing columns with all NAs 
# How many NAs? 
M4<-length(samples[samples =="NA"]) 
M4 #7830 
# Remove compounds with excessive NAs: 
# First count the number NAs in each column 
nacount <- sapply(samples, function(x) sum(is.na(x))) 
resna <- as.data.frame(nacount/nrow(samples)*100) # Express as percentage in each column 
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# resna 
# Identify those compounds with >acceptable threshold number of NAs 
na100 = which(apply(resna,1,FUN = function(x){any(x >99)})) 
# Here there are no columns with greater than 99% NAs.  
# Removing columns with all zeroes 
#Express percentage of zeroes in each column 
zerofinal <- as.data.frame(colSums(samples==0)/nrow(samples)*100) 
# Isolate variables with 100% zeroes (i.e., 99% non-zeroes) 
res100final = which(apply(zerofinal,1,FUN = function(x){any(x >99)})) 
res100final # 3 columns/compounds 
# Remove columns of zeroes from final data: 
allcolumns <- 1:length(samples) # integers of length of ALL data 
goodsamples<-setdiff(allcolumns, res100final) # index of samples with <99% presence of zeroes 
cleandata<-samples[,goodsamples] # isolate cleandata from original data via the 'goodsamples' vector 
goodvariables = colnames(cleandata) 
finalsamples<-match(goodvariables,names(samples)) # sample index 
final.samples.df<-samples[,finalsamples] 
dim(final.samples.df) 
 
7.3 R script for batch correction 
# "Metabolomic data correction" ------------------------------------------- 
 
 
## Import your data and take a look at the column headings 
 
 
cleaned <- read.csv(url("https://www.dropbox.com/s/zrtq0ro9wjsz5cn/SampleDataset.csv?raw=1")) 
names(cleaned)[1:10] 
 
# Rename first column 
names(cleaned)[1]='sample' 
 
# Extract the metabolite data 
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metdata <- cleaned[-c(1:5)] 
 
# Create a subset of the QC samples 
qcs = subset (cleaned, grepl('QA', cleaned$sample)) 
factorcols=(qcs[1:5]) # This will be needed later 
qcs = subset(qcs, select=-c(1:5)) # Remove id/factors 
 
# How many missing values are there in the QC data? 
 
M2<-length(qcs[qcs =="NA"]) 
M2 
dim(qcs) 
 
# First count the number NAs in each column, then express as percentage in each column 
rescount <- sapply(qcs, function(x) sum(is.na(x))) 
resf <- as.data.frame(rescount/nrow(qcs)*100) 
# Identify those compounds with >50% NAs 
res50 = which(apply(resf,1,FUN = function(x){any(x >50)})) 
 
allcolumns <- 1:length(qcs) # integers of length of data 
 
goodvars<-setdiff(allcolumns, res50) # index of variables with <50% presence of NAs 
cleandata<-qcs[,goodvars] # isolate data with >50% replication from original QC data via the 
'goodsamples' vector 
 
# Do the same with the original full data set 
repdata<-metdata[,goodvars] 
 
#How much have we been left with? 
 
dim(cleandata) 
 
# 289 of the original 404 compounds, so approximately a quarter of the data have been removed 
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## K Nearest Neighbour imputation 
 
library(impute) 
 
dim(cleandata) 
imp.qcs <- impute.knn(t(cleandata)) # This is the imputation 
imp.qcs.data <- as.data.frame(t(imp.qcs$data)) # Transpose the data so they are back to compounds 
in colu7mns, samples in rows 
dim(imp.qcs.data) # Just verifying that the data are in the right format 
qc.clean.knn=as.data.frame(cbind(factorcols, imp.qcs.data)) # Create a data frame with the original 
factors included 
 
# How many of the data points have been imputed in the QC data? 
 
M3<-length(imp.qcs.data[imp.qcs.data =="NA"]) 
M3 
 
## RSD 
 
# Original qc RSDs 
 
sds<-apply (imp.qcs.data, 2, sd,na.rm=TRUE) # variance 
ms<-apply (imp.qcs.data, 2, mean,na.rm=TRUE) # average by column 
ms=abs(ms) 
origcvs<-as.data.frame ((sds/ms)*100) 
 
names(origcvs)[1]='RSD' 
origcvs$compound = rownames(origcvs) 
 
# Plot the RSDs if you want 
library(ggplot2) 
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ggplot(origcvs, aes (x=RSD)) + 
  geom_histogram(binwidth=10) + 
  xlim(0,350)+ 
  ylim(0,100) + 
  ggtitle("original data RSDs")+  
  geom_vline(xintercept = 35) 
 
# Identify and count compounds with RSD >30% 
 
orighiRSD = subset(origcvs, RSD >30) # 87 
totsreject = subset(origcvs, RSD>100) # 23 
 
# At this stage, a further 87 compounds would have to be removed from the data before it is used and 
analysed. 
 
## LOESS correction 
 
# Need to reinsert â€ ˜imp.qcs.data' into data for loess treatment!! ---------------- 
QCIndices<-as.numeric(grep('QA', cleaned$sample)) # Vector of QC samples in original data 
 
repdata[QCIndices, ]<-imp.qcs.data # replace values for the QCs with KNN imputed values 
 
# Add in id/factors 
knn.df=as.data.frame(cbind(cleaned[1:5], repdata)) 
# labelling it 'knndata' as a reminder than the imputation step is carried out on the QCs already 
 
names(knn.df)[1:10] 
dim(knn.df) 
 
## LOESS correction script 
 
loess.correction<-function(x,y,subset=NULL,progress=TRUE,adjust="median",span=0.75,...){ 
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  #subset = logical specifying which subset of the data to be used for fitting 
  #adjust =  used to adjust post normalized data statistic to that of the pre normalized 
  if (progress == TRUE){ pb <- txtProgressBar(min = 0, max = ncol(x), style = 3)} else {pb<-NULL} 
  span<-tryCatch(rep(span,length.out=ncol(x)),error=function(e){span}) # recycle 
  res<-do.call("cbind",lapply(1:ncol(x),function(i){  
    tmp.x<-x[,i] 
    fit<-loess(tmp.x~y,subset=subset,span=span[i],...) 
    pred<-predict(fit,data.frame(tmp.x=tmp.x)) 
    if (progress == TRUE){setTxtProgressBar(pb, i)} 
    return(tmp.x-pred) # residuals for train and test 
  })) 
  if (progress == TRUE){close(pb)} 
  if(!is.null(adjust)){ 
    scale1<-apply(x,2,adjust,na.rm=TRUE) 
    tmp<-sweep(res,2,apply(res,2,min,na.rm=TRUE),"-") # get rid of negative values 
    mins<-apply(x,2,min,na.rm=TRUE) 
    tmp<-sweep(tmp,2,mins,"+") 
    scale2<-apply(tmp,2,adjust,na.rm=TRUE) 
    adjustment<-scale1/scale2 
    res<-sweep(tmp,2,adjustment,"*") 
  } 
  return(res) 
} 
 
## The correction ... 
 
# 1. Create a 'logical vector' for R to identify the subset of the data (the QC 
# data) that is to be used to correct the sample data. 
 
# 2. Create a vector to explicitly identify the injection sequence in the data. 
 
# 3. Create a matrix of all the metabolite data for the correction process 
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sset=as.logical(grepl('QA', knn.df$sample)) # 1. Vector of the QC subset to be used for calculating 
correction 
 
sseq=seq(1:nrow(knn.df)) # 2. Injection sequence 
 
mset=as.matrix(knn.df[-c(1:5)]) # 3. Matrix of the metabolite data, remembering to remove the first 
five columns identifying factors 
 
# Run the LOESS function:  
 
corr.nl=loess.correction(mset, sseq, subset=sset) 
 
# Add back in the factors, and the column headings (names of the compounds) as these were removed 
when the matrix of metabolite data was created. 
 
final=as.data.frame(cbind(knn.df[1:5], corr.nl)) 
colnames(final)=colnames(knn.df) 
 
# Check RSD improvement 
 
# Extract the corrected QC data: 
cqcs = subset (final, grepl('QA', final$sample)) 
 
# Corrected qc RSDs 
 
sds<-apply (cqcs[-c(1:5)], 2, sd,na.rm=TRUE) # sd 
ms<-apply (cqcs[-c(1:5)], 2, mean,na.rm=TRUE) # average by column 
ms=abs(ms) 
corrcvs<-as.data.frame ((sds/ms)*100) 
 
names(corrcvs)[1]='RSD' 
corrcvs$compound = rownames(corrcvs) 
 
# Plot the RSDs 
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library(ggplot2) 
 
ggplot(corrcvs, aes (x=RSD)) + 
  geom_histogram(binwidth=10) + 
  xlim(0,350) + 
  ylim(0,100) + 
  ggtitle("corrected data RSDs")+  
  geom_vline(xintercept = 35) 
 
# Identify and count compounds with RSD >30% 
 
corrhiRSD = subset(corrcvs, RSD >30) # 46 
corrtotsreject = subset(corrcvs, RSD>100) # 0 
 
# Saved 41 compounds in the data, not too shoddy. 
 
## Final dataset 
 
# Remove the compounds with RSD greater than 30% 
 
corrfinal <- final[,!(names(final) %in% corrhiRSD$compound)] #234 
 
# If you want to create a final dataset composed only of the sample data, it is easy to remove the QCs: 
 
samples <- subset (corrfinal, !grepl('QA', corrfinal$sample)) 
 
## Not quite finished ... 
 
# Removing columns with all NAs 
# How many NAs? 
M4<-length(samples[samples =="NA"]) 
M4 #7830 
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# Remove compounds with excessive NAs: 
 
# First count the number NAs in each column 
nacount <- sapply(samples, function(x) sum(is.na(x))) 
resna <- as.data.frame(nacount/nrow(samples)*100) # Express as percentage in each column 
# resna 
 
# Identify those compounds with >acceptable threshold number of NAs 
na100 = which(apply(resna,1,FUN = function(x){any(x >99)})) 
na100 
 
# Here there are no columns with greater than 99% NAs.  
 
# Removing columns with all zeroes 
 
#Express percentage of zeroes in each column 
zerofinal <- as.data.frame(colSums(samples==0)/nrow(samples)*100) 
 
# Isolate variables with 100% zeroes (i.e., 99% non-zeroes) 
res100final = which(apply(zerofinal,1,FUN = function(x){any(x >99)})) 
res100final # 3 columns/compounds 
# Remove columns of zeroes from final data: 
allcolumns <- 1:length(samples) # integers of length of ALL data 
 
goodsamples<-setdiff(allcolumns, res100final) # index of samples with <99% presence of zeroes 
cleandata<-samples[,goodsamples] # isolate cleandata from original data via the 'goodsamples' vector 
goodvariables = colnames(cleandata) 
 
finalsamples<-match(goodvariables,names(samples)) # sample index 
 
final.samples.df<-samples[,finalsamples] 
dim(final.samples.df) 
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# Save and export the data as a csv file if you want: 
 
write.csv(final.samples.df, "final.csv") 
 
## Impute PCA 
 
# There is still work to do done with the data to make it ready for analysis, 
# starting with estimating the nuumber of components in the data and using this 
# information to impute missing values, or atleast substitute them with median 
# or mean values. The danger of not doing this is that we get a PCA affected by 
# correlations among variables with lots of zeroes, rather than a more accurate 
# assessment which is looking at the variation of interest. 
 
# Estimate number of components in the data 
 
library(missMDA) 
nb <- estim_ncpPCA(final.samples.df[-c(1:5)],ncp.max=10) # Note exclusion of the first 5 columns 
(the factors) from the assessment. 
# Time consuming ... just under six minutes with these data 
 
# Indicates support for 5 components in these data. 
 
# Impute missing values 
 
## Imputation 
res.comp <- imputePCA(final.samples.df[-c(1:5)],ncp=5) # 'ncp' is changed to the value output by 
the 'estim_ncpPCA' to 'nb' 
# takes about 45 seconds with these data 
 
# Put back the factors from the data 
 
datatogo <- data.frame(cbind(final.samples.df[1:5], res.comp$completeObs)) 
 
# Create a single variable identifying each treatment combination of `day` and `group`. 
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datatogo$sample <- with(datatogo, interaction(group, day)) 
 
# PCA 
 
## PCA on the imputed data  
library(FactoMineR) 
res.pca <- PCA(datatogo, quali.sup = 1:5, scale=TRUE, graph = FALSE) 
 
library(factoextra) 
 
fviz_pca_ind(res.pca, habillage = 1, label="quali")+ 
scale_shape_manual(values = rep(19,47)) 
 
# Subsection of the data, focusing just on the mayonnaise samples. 
 
mayo.sel <- c("CON", "BHA", "GTE", "TOC", "GTT", "HOL", "HWA", "HWO")  
mayo.data <- datatogo[datatogo$group %in% mayo.sel,] 
 
mayoPCA <- PCA(mayo.data, quali.sup = 1:5, scale=T, graph =F) 
 
fviz_pca_ind(mayoPCA, habillage = 1, label="quali") + 
scale_shape_manual(values = rep(19,40))  
 
# Similarly, the oil samples can be separated. 
 
oil.sel <-  c("SUN", "SUB") 
oil.data <- datatogo[datatogo$group %in% oil.sel,]  
 
oilPCA <- PCA(oil.data, quali.sup = 1:5, scale=T, graph =F) 
 
fviz_pca_ind(oilPCA, habillage = 1, label="quali") + 
scale_shape_manual(values = rep(19,10)) 
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7.4 R script ANOVAs 
library(mosaic) 
 
WGSeed.data<-read.csv("C:/Users/uqtwitt/Dropbox/Work/Students/Lourdes/Stats/Seeds WG.csv") 
FLSeed.data<-read.csv("C:/Users/uqtwitt/Dropbox/Work/Students/Lourdes/Stats/Seeds FL.csv") 
WGPseudo.data<-read.csv("C:/Users/uqtwitt/Dropbox/Work/Students/Lourdes/Stats/Pseudograins 
WG.csv") 
FLPseudo.data<-read.csv("C:/Users/uqtwitt/Dropbox/Work/Students/Lourdes/Stats/Pseudograins 
FL.csv") 
WGGrain.data<-read.csv("C:/Users/uqtwitt/Dropbox/Work/Students/Lourdes/Stats/Grains 
WG.csv") 
FLGrain.data<-read.csv("C:/Users/uqtwitt/Dropbox/Work/Students/Lourdes/Stats/Grains FL.csv") 
 
 
##### WG SEED 
#Setting up data frame to receive ANOVA data 
data.work<-WGSeed.data 
data.work[,3]<-as.factor(data.work[,3]) 
data.work[,4]<-as.factor(data.work[,4]) 
 
Anova.Sig<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
Anova.Sig[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
colnames(Anova.Sig)<-c("Sample", "Time", "Species", "Temperature", "Time:Species", 
"Time:Temperature", "Species:Temperature", "Time:Species:Temperature") 
 
#Loop 
i <- 5 
while(i<ncol(data.work)+1) 
{ 
  work.model<-lm(data.work[,i]~data.work[,2]*data.work[,3]*data.work[,4]) 
  work.anova<-anova(work.model) 
  Anova.Sig[i-4, 2:8]<-work.anova$`Pr(>F)`[1:7] 
  i<-i+1 
} 
WGSeed.Result<-Anova.Sig 
write.csv(WGSeed.Result, file= "WGSeed Anova.csv") 
 
 
 
####Splitting things into species automatically 
Species.data<-data.frame(unique(WGSeed.data$Species)) 
 
j <- 1 
while(j<nrow(Species.data)+1) 
{ 
data.work <- WGSeed.data[WGSeed.data$Species == as.character(Species.data[j, ]), 
1:as.character(ncol(WGSeed.data))] 
128 
 
 
Anova.Sig<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
Anova.Sig[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
colnames(Anova.Sig)<-c("Sample", "Time", "Temperature", "Time:Temperature")  
 
Anova.FStat<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
Anova.FStat[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
colnames(Anova.FStat)<-c("Sample", "Time", "Temperature", "Time:Temperature")  
                   
i <- 5 
while(i<ncol(data.work)+1) 
{ 
  work.model<-lm(data.work[,i]~data.work[,2]*data.work[,4]) 
  work.anova<-anova(work.model) 
  Anova.Sig[i-4, 2:4]<-work.anova$`Pr(>F)`[1:3] 
  Anova.FStat[i-4, 2:4]<-work.anova$`Sum Sq`[1:3] 
  i<-i+1 
} 
 
write.csv(Anova.Sig, file = paste0("Anova significance of ", as.character(Species.data[j,1]),"whole 
grain.csv")) 
write.csv(Anova.FStat, file = paste0("Anova F-Statistic of ", as.character(Species.data[j,1]),"whole 
grain.csv")) 
 
j<-j+1 
} 
 
 
 
 
##### FL SEED 
#Setting up data frame to receive ANOVA data 
data.work<-FLSeed.data 
data.work[,3]<-as.factor(data.work[,3]) 
data.work[,4]<-as.factor(data.work[,4]) 
 
Anova.Sig<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
Anova.Sig[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
colnames(Anova.Sig)<-c("Sample", "Time", "Species", "Temperature", "Time:Species", 
"Time:Temperature", "Species:Temperature", "Time:Species:Temperature") 
 
#Loop 
i=5 
while(i<ncol(data.work)+1) 
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{ 
  work.model<-lm(data.work[,i]~data.work[,2]*data.work[,3]*data.work[,4]) 
  work.anova<-anova(work.model) 
  Anova.Sig[i-4, 2:8]<-work.anova$`Pr(>F)`[1:7] 
  i<-i+1 
} 
FLSeed.Result<-Anova.Sig 
write.csv(FLSeed.Result, file= "FLSeed Anova.csv") 
 
 
 
####Splitting things into species automatically 
Species.data<-data.frame(unique(FLSeed.data$Species)) 
 
j <- 1 
while(j<nrow(Species.data)+1) 
{ 
  data.work <- FLSeed.data[FLSeed.data$Species == as.character(Species.data[j, ]), 
1:as.character(ncol(FLSeed.data))] 
    
  Anova.Sig<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
  Anova.Sig[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
  colnames(Anova.Sig)<-c("Sample", "Time", "Temperature", "Time:Temperature")  
   
  Anova.FStat<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
  Anova.FStat[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
  colnames(Anova.FStat)<-c("Sample", "Time", "Temperature", "Time:Temperature")  
   
  i <- 5 
  while(i<ncol(data.work)+1) 
  { 
    work.model<-lm(data.work[,i]~data.work[,2]*data.work[,4]) 
    work.anova<-anova(work.model) 
    Anova.Sig[i-4, 2:4]<-work.anova$`Pr(>F)`[1:3] 
    Anova.FStat[i-4, 2:4]<-work.anova$`Sum Sq`[1:3] 
    i<-i+1 
  } 
   
  write.csv(Anova.Sig, file = paste0("Anova significance of ", 
as.character(Species.data[j,1]),"flour.csv")) 
  write.csv(Anova.FStat, file = paste0("Anova F-Statistic of ", 
as.character(Species.data[j,1]),"flour.csv")) 
   
  j<-j+1 
} 
 
 
 
130 
 
##### WG Pseudo 
#Setting up data frame to receive ANOVA data 
data.work<-WGPseudo.data 
data.work[,3]<-as.factor(data.work[,3]) 
data.work[,4]<-as.factor(data.work[,4]) 
 
Anova.Sig<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
Anova.Sig[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
colnames(Anova.Sig)<-c("Sample", "Time", "Species", "Temperature", "Time:Species", 
"Time:Temperature", "Species:Temperature", "Time:Species:Temperature") 
 
#Loop 
i=5 
while(i<ncol(data.work)+1) 
{ 
  work.model<-lm(data.work[,i]~data.work[,2]*data.work[,3]*data.work[,4]) 
  work.anova<-anova(work.model) 
  Anova.Sig[i-4, 2:8]<-work.anova$`Pr(>F)`[1:7] 
  i<-i+1 
} 
WGPseudo.Result<-Anova.Sig 
write.csv(WGPseudo.Result, file= "WGPseudo Anova.csv") 
 
 
 
####Splitting things into species automatically 
Species.data<-data.frame(unique(WGPseudo.data$Species)) 
 
j <- 1 
while(j<nrow(Species.data)+1) 
{ 
  data.work <- WGPseudo.data[WGPseudo.data$Species == as.character(Species.data[j, ]), 
1:as.character(ncol(WGPseudo.data))] 
   
  Anova.Sig<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
  Anova.Sig[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
  colnames(Anova.Sig)<-c("Sample", "Time", "Temperature", "Time:Temperature")  
   
  Anova.FStat<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
  Anova.FStat[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
  colnames(Anova.FStat)<-c("Sample", "Time", "Temperature", "Time:Temperature")  
   
  i <- 5 
  while(i<ncol(data.work)+1) 
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  { 
    work.model<-lm(data.work[,i]~data.work[,2]*data.work[,4]) 
    work.anova<-anova(work.model) 
    Anova.Sig[i-4, 2:4]<-work.anova$`Pr(>F)`[1:3] 
    Anova.FStat[i-4, 2:4]<-work.anova$`Sum Sq`[1:3] 
    i<-i+1 
  } 
   
  write.csv(Anova.Sig, file = paste0("Anova significance of ", as.character(Species.data[j,1]),"whole 
grain.csv")) 
  write.csv(Anova.FStat, file = paste0("Anova F-Statistic of ", as.character(Species.data[j,1]),"whole 
grain.csv")) 
   
  j<-j+1 
} 
 
 
 
##### FL Pseudo 
#Setting up data frame to receive ANOVA data 
data.work<-FLPseudo.data 
data.work[,3]<-as.factor(data.work[,3]) 
data.work[,4]<-as.factor(data.work[,4]) 
 
Anova.Sig<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
Anova.Sig[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
colnames(Anova.Sig)<-c("Sample", "Time", "Species", "Temperature", "Time:Species", 
"Time:Temperature", "Species:Temperature", "Time:Species:Temperature") 
 
#Loop 
i=5 
while(i<ncol(data.work)+1) 
{ 
  work.model<-lm(data.work[,i]~data.work[,2]*data.work[,3]*data.work[,4]) 
  work.anova<-anova(work.model) 
  Anova.Sig[i-4, 2:8]<-work.anova$`Pr(>F)`[1:7] 
  i<-i+1 
} 
FLPseudo.Result<-Anova.Sig 
write.csv(FLPseudo.Result, file= "FLPseudo Anova.csv") 
 
 
 
####Splitting things into species automatically 
Species.data<-data.frame(unique(FLPseudo.data$Species)) 
 
j <- 1 
while(j<nrow(Species.data)+1) 
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{ 
  data.work <- FLPseudo.data[FLPseudo.data$Species == as.character(Species.data[j, ]), 
1:as.character(ncol(FLPseudo.data))] 
   
  Anova.Sig<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
  Anova.Sig[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
  colnames(Anova.Sig)<-c("Sample", "Time", "Temperature", "Time:Temperature")  
   
  Anova.FStat<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
  Anova.FStat[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
  colnames(Anova.FStat)<-c("Sample", "Time", "Temperature", "Time:Temperature")  
   
  i <- 5 
  while(i<ncol(data.work)+1) 
  { 
    work.model<-lm(data.work[,i]~data.work[,2]*data.work[,4]) 
    work.anova<-anova(work.model) 
    Anova.Sig[i-4, 2:4]<-work.anova$`Pr(>F)`[1:3] 
    Anova.FStat[i-4, 2:4]<-work.anova$`Sum Sq`[1:3] 
    i<-i+1 
  } 
   
  write.csv(Anova.Sig, file = paste0("Anova significance of ", 
as.character(Species.data[j,1]),"flour.csv")) 
  write.csv(Anova.FStat, file = paste0("Anova F-Statistic of ", 
as.character(Species.data[j,1]),"flour.csv")) 
   
  j<-j+1 
} 
 
 
 
 
##### WG Grain 
#Setting up data frame to receive ANOVA data 
data.work<-WGGrain.data 
data.work[,3]<-as.factor(data.work[,3]) 
data.work[,4]<-as.factor(data.work[,4]) 
 
Anova.Sig<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
Anova.Sig[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
colnames(Anova.Sig)<-c("Sample", "Time", "Species", "Temperature", "Time:Species", 
"Time:Temperature", "Species:Temperature", "Time:Species:Temperature") 
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#Loop 
i=5 
while(i<ncol(data.work)+1) 
{ 
  work.model<-lm(data.work[,i]~data.work[,2]*data.work[,3]*data.work[,4]) 
  work.anova<-anova(work.model) 
  Anova.Sig[i-4, 2:8]<-work.anova$`Pr(>F)`[1:7] 
  i<-i+1 
} 
WGGrain.Result<-Anova.Sig 
write.csv(WGGrain.Result, file= "WGGrain Anova.csv") 
 
 
####Splitting things into species automatically 
Species.data<-data.frame(unique(WGGrain.data$Species)) 
 
j <- 1 
while(j<nrow(Species.data)+1) 
{ 
  data.work <- WGGrain.data[WGGrain.data$Species == as.character(Species.data[j, ]), 
1:as.character(ncol(WGGrain.data))] 
   
  Anova.Sig<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
  Anova.Sig[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
  colnames(Anova.Sig)<-c("Sample", "Time", "Temperature", "Time:Temperature")  
   
  Anova.FStat<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
  Anova.FStat[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
  colnames(Anova.FStat)<-c("Sample", "Time", "Temperature", "Time:Temperature")  
   
  i <- 5 
  while(i<ncol(data.work)+1) 
  { 
    work.model<-lm(data.work[,i]~data.work[,2]*data.work[,4]) 
    work.anova<-anova(work.model) 
    Anova.Sig[i-4, 2:4]<-work.anova$`Pr(>F)`[1:3] 
    Anova.FStat[i-4, 2:4]<-work.anova$`Sum Sq`[1:3] 
    i<-i+1 
  } 
   
  write.csv(Anova.Sig, file = paste0("Anova significance of ", as.character(Species.data[j,1]),"whole 
grain.csv")) 
  write.csv(Anova.FStat, file = paste0("Anova F-Statistic of ", as.character(Species.data[j,1]),"whole 
grain.csv")) 
   
  j<-j+1 
} 
 
134 
 
 
 
 
##### FL Grain 
#Setting up data frame to receive ANOVA data 
data.work<-FLGrain.data 
data.work[,3]<-as.factor(data.work[,3]) 
data.work[,4]<-as.factor(data.work[,4]) 
 
Anova.Sig<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
Anova.Sig[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
colnames(Anova.Sig)<-c("Sample", "Time", "Species", "Temperature", "Time:Species", 
"Time:Temperature", "Species:Temperature", "Time:Species:Temperature") 
 
#Loop 
i=5 
while(i<ncol(data.work)+1) 
{ 
  work.model<-lm(data.work[,i]~data.work[,2]*data.work[,3]*data.work[,4]) 
  work.anova<-anova(work.model) 
  Anova.Sig[i-4, 2:8]<-work.anova$`Pr(>F)`[1:7] 
  i<-i+1 
} 
FLGrain.Result<-Anova.Sig 
write.csv(FLGrain.Result, file= "FLGrain Anova.csv") 
 
 
tally(FLGrain.data$Species) 
 
####Splitting things into species automatically 
Species.data<-data.frame(unique(FLGrain.data$Species)) 
 
j <- 1 
while(j<nrow(Species.data)+1) 
{ 
  data.work <- FLGrain.data[FLGrain.data$Species == as.character(Species.data[j, ]), 
1:as.character(ncol(FLGrain.data))] 
   
  Anova.Sig<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
  Anova.Sig[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
  colnames(Anova.Sig)<-c("Sample", "Time", "Temperature", "Time:Temperature")  
   
  Anova.FStat<-data.frame(cbind(1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-
4),1:as.character(ncol(data.work)-4),1:as.character(ncol(data.work)-4))) 
  Anova.FStat[1:as.character(ncol(data.work)-4),1]<-
colnames(data.work[5:as.character(ncol(data.work))]) 
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  colnames(Anova.FStat)<-c("Sample", "Time", "Temperature", "Time:Temperature")  
   
  i <- 5 
  while(i<ncol(data.work)+1) 
  { 
    work.model<-lm(data.work[,i]~data.work[,2]*data.work[,4]) 
    work.anova<-anova(work.model) 
    Anova.Sig[i-4, 2:4]<-work.anova$`Pr(>F)`[1:3] 
    Anova.FStat[i-4, 2:4]<-work.anova$`Sum Sq`[1:3] 
    i<-i+1 
  } 
   
  write.csv(Anova.Sig, file = paste0("Anova significance of ", 
as.character(Species.data[j,1]),"flour.csv")) 
  write.csv(Anova.FStat, file = paste0("Anova F-Statistic of ", 
as.character(Species.data[j,1]),"flour.csv")) 
   
  j<-j+1 
} 
 
7.5 Correlation matrix of all the analytes in each one of the three biological groups 
related to time 
 
Table 7-1. Correlation matrix of all the analytes in each one of the three biological groups related to time. 
Pseudo cereals 38ºC 
Correlation 
matrix 
Cereals 38ºC 
Correlation 
matrix 
oil seed 38ºC 
Correlation 
matrix 
Time 1 Time 1 Time 1 
Octanal ppm 0.880146 Nonanoic acid 0.736702 HPx 0.28224 
Heptanal 0.861882 Octanoic acid 0.67702 Analyte 1824 0.198931 
Octanal 0.86021 Heptanal 0.66299 C180 0.062951 
Furan, 2-pentyl- 0.830546 Furan, 2-ethyl- 0.580619 Analyte 1816 0.043201 
Decanal 0.813888 Nonanal 0.566103 Nonanal 0.039251 
Octanoic acid 0.812614 2-Heptanone 0.564833 C183 0.012588 
2-Heptanone 0.803517 Pentanal 0.558893 C181 -0.00084 
Nonanal ppm 0.793005 Furfural 0.53686 Hexanal -0.01527 
Hexane, 1-nitro- 0.774094 Butanal, 3-methyl- 0.52436 1-Hexanol, 2-ethyl- -0.03024 
Nonanal 0.773693 Furan, 2-pentyl- 0.517103 Furan, 2-pentyl- -0.03762 
Furan, 2-ethyl- 0.756205 2-Octanone 0.505694 Styrene -0.04103 
2-Butanone 0.75121 Octanal 0.48525 Pentanal -0.04361 
Pentanal 0.73127 1-Octen-3-one 0.4834 Cyclopentane, methyl- -0.05141 
2-Nonenal, E- 0.67737 2-n-Butyl furan 0.481006 Decane -0.05432 
Hexanal ppm 0.664429 Hexanal 0.480715 alpha-Pinene -0.0607 
Heptane, 3-ethyl-5-
methylene- 
0.661215 1-Penten-3-one 0.479062 1-Butanol, 2-methyl- -0.06112 
Tetradecane C 0.659158 cis-4-Decenal 0.469144 1-Propanol, 2-methyl- -0.06256 
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Hexanal 0.657478 Pentane, 1-nitro- 0.468512 
Benzene, 1,2,3-
trimethyl- 
-0.06889 
Tridecane 0.619271 Butane, 1-nitro- 0.450826 2-Octenal, E- -0.08936 
2-Heptenal, Z- 0.601939 1,2-Butanediol 0.432075 Heptanal -0.12572 
Furan, 2-methyl- 0.592599 2-Butenal 0.427394 C182 -0.14273 
gamma-Hexalactone 23H-
Furanone, 5-ethyldihydro- 
0.590159 Propanal, 2-methyl- 0.41523 2-Heptenal, Z- -0.1561 
3-Octen-2-one, E- 0.574921 2-Pentanone 0.414817 alpha-Methylstyrene -0.16902 
cis-4-Decenal 0.547359 gamma hexalactone 0.414668 1-Butanol -0.17054 
2-Hexenal, E- 0.523236 Propane, 1-nitro- 0.411178 1-Hexanol -0.17087 
1-Pentanol 0.510355 2-Hexenal, E- 0.396047 1-Pentanol -0.17742 
Pentane, 1-nitro- 0.49794 
Cyclopentanecarboxaldehyde, 
2-methyl-3-methylene- 
0.38807 Isopropyl Alcohol -0.18324 
2-n-Butyl furan 0.484537 2-Pentanol 0.386131 1-Heptanol -0.2019 
Nonanoic acid 0.467471 2-Butenal, 2-methyl-, E- 0.3838 Octanoic acid -0.21011 
Butanal, 2-methyl- 0.461889 2-Pentenal, E- 0.382513 Octanal -0.21088 
Pyrazine, 2,5-dimethyl- 0.448734 1-Pentanol A 0.370228 2-Heptanone -0.21361 
2-Octanone 0.447954 Decanal 0.336584 1-Octen-3-ol -0.21494 
Gamma-nonalactone 23H-
Furanone, dihydro-5-pentyl- 
0.441676 1-Heptene, 4-methyl- 0.336204 Ethylbenzene -0.21508 
Propane, 1-nitro- 0.432707 1-Hexanol 0.314799 Benzaldehyde -0.21796 
Heptyl formate Formic acid, 
heptyl ester 
0.423915 2-Octenal, E- 0.291156 Tridecane -0.23984 
Propanal, 2-methyl- 0.413017 Analyte 595 0.290445 Dodecane -0.24268 
2-Octenal, E- 0.402384 2-Heptenal, Z- 0.284927 1-Octanol -0.24538 
2-Butenal 0.402379 3-Penten-2-one 0.282806 Decanal -0.25145 
Hexanoic acid 0.392644 2-Nonenal, E- 0.281704   
HPX 0.391494 Dodecanal 0.277264   
5-Hepten-2-one, 6-methyl- 0.386812 Furan, 2-methyl- 0.276062   
3-Tetradecene, E- 0.382708 Phenol 0.27482   
Tridecane, 3-methyl- 0.382657 Tridecane, 3-methyl- 0.273612   
Octane 0.371672 Heptane, 2,2-dimethyl- 0.263231   
3-Penten-2-one, E- 0.349053 2-Butanone 0.260352   
Heptane, 4-methyl- 0.339126 2,4-Heptadienal, E,E- 0.24625   
2-Butanol, R- 0.335851 3-Octen-2-one, E- 0.238139   
1-Hepten-3-ol 0.329609 2,4-Nonadienal, E,E- 0.234443   
Hexane, 3-methyl- 0.312471 Tridecane A 0.233952   
3,5-Octadien-2-one, E,E- 0.312016 1-Heptanol 0.229515   
Eucalyptol 0.30215 1-Penten-3-ol 0.217837   
2,4-Heptadienal, E,E- 0.294497 
Propanoic acid, 2-methyl-, 2,2-
dimethyl-1-2-hydroxy-1-
methylethylpropyl ester 
0.211294   
2,3-Butanedione 0.27552 Tetradecane B 0.20761   
1-Penten-3-ol 0.269884 2-Butanol 0.202242   
1-Hexanol 0.253859 1-Propanol 0.189475   
Analyte 919 0.234712 2-Butenal, 2-ethyl- 0.184733   
Phenol 0.231582 Acetic acid 0.176427   
2-Penten-1-ol, Z- 0.230794 HPx 0.17445   
1-Nonanol 0.214299 Cyclohexane, hexyl- 0.169204   
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Dodecane 0.203444 1-Hepten-3-ol 0.168125   
Cyclohexane, 2-propenyl- 0.198132 Decane, 2,3,5,8-tetramethyl- B 0.161662   
Acetophenone 0.190862 1-Dodecanol, 3,7,11-trimethyl- 0.16061   
1-Propanol 0.186142 1-Butanol 0.143561   
Dodecane, 2,6,10-trimethyl- 0.178245 5-Hepten-2-one, 6-methyl- 0.141918   
1-Butanol 0.17696 alpha-Phellandrene 0.138845   
3,4-Pentadienal, 2,2-
dimethyl- 
0.158647 Acetone 0.138825   
4-Nonene, 5-butyl- 0.156748 1-Methoxy-2-propyl acetate 0.117356   
Naphthalene 0.156097 1-Hexanol, 2-ethyl- 0.114483   
2-Hexanone 0.151186 Decane, 2,3,5,8-tetramethyl- A 0.113366   
1-Hexadecanol 0.137843 1-Propanol, 2-methyl- 0.103954   
4-Tridecene, Z- 0.135478 Azulene 0.067143   
1,3-Octadiene 0.120315 4-Undecene, 3-methyl-, E- 0.062212   
Analyte 642 0.112607 Beta pinene 0.060592   
Cyclohexane 0.112292 1-Pentanol B 0.060095   
5-Tridecene, Z- 0.111745 Cyclobutane, ethyl- 0.045627   
3-Hexen-1-ol, Z- B 0.099093 1,3-Octadiene 0.039789   
5-Hepten-2-ol, 6-methyl- 0.08257 limonene 0.036244   
C220 0.077262 Dodecane B 0.035073   
Limonene 0.07127 C180 0.031133   
1-Propanol, 2-methyl- 0.054396 Cyclohexane 0.025934   
Pyrrole 0.052591 Oxime-, methoxy-phenyl-_ 0.024553   
1-Dodecanol, 3,7,11-
trimethyl- 
0.045137 Specie(Sorghum White) 0.013291   
Tetradecane B 0.044276 3-Octene, Z- 0.01043   
Cyclobutane, ethyl- 0.043638 2-Penten-1-ol, E- 0.003461   
C180 0.00743 alpha-Methylstyrene -0.00139   
3,5-Dihydroxybenzamide 0.000496 Specie(Barley) -0.00435   
2,4-Undecadien-1-ol A -0.00162 Specie(Sorghum Red) -0.00435   
C200 -0.00832 Specie(Teff) -0.00435   
1-Octanol, 2-butyl- B -0.01719 3,5-Octadien-2-one, E,E- A -0.00716   
Pyridine -0.03138 5-Undecene, 3-methyl-, Z- -0.03665   
2-Heptanol -0.03634 Phenylethyl Alcohol -0.0616   
3-Octene, Z- A -0.05817 Cyclodecane -0.06179   
2-Octen-1-ol, E- -0.06322 Butanal -0.07284   
Oxime-, methoxy-phenyl- -0.0673 2,4-Nonadiene, E,E- -0.1252   
Heptadecane, 2,6-dimethyl- -0.08504 3-Hexen-1-ol, Z- -0.15238   
beta-Pinene -0.08736 2-Octene -0.15474   
Benzene, 1,2,4-trimethyl- -0.11616 Tetradecane A -0.17039   
Butanal, 3-methyl- -0.1332 Pyridine -0.19408   
alpha-Methylstyrene -0.13653 Terpinolene -0.20263   
Benzene, 1,2,3-trimethyl- -0.1398 alpha-Pinene -0.20281   
gamma-Terpinene -0.15031 Isopropyl Alcohol -0.21997   
Styrene -0.15103 Undecane -0.22454   
Benzene, 1,4-diethyl- -0.15644 5-Hepten-2-ol, 6-methyl- -0.24091   
3-Octene, Z- B -0.15659 2-Heptanol -0.24799   
1-Hexanol, 2-ethyl- -0.20811 2-Propanol, 1-butoxy- -0.25202   
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Terpinolene-Cyclohexene, 1-
methyl-4-1-
methylethylidene- 
-0.23589 Dodecane C -0.26681   
beta-Phellandrene -0.23729 2,4-Octadienal, E,E- -0.2733   
Octane, 4-methyl- -0.24032 11-Methyldodecanol -0.28735   
alpha-Pinene -0.24572 3,5-Octadien-2-one, E,E- B -0.29876   
Undecane -0.27773 Octane, 4-methyl- -0.32478   
C183 -0.27977 Camphene -0.3318   
C201 -0.30862 C181 -0.34146   
Camphene -0.39407 Dodecane A -0.36823   
C182 -0.44908 C183 -0.39881   
Hexane, 2,2-dimethyl- -0.48873 2-Octen-1-ol, Z- -0.40727   
p-Xylene -0.5099 Ethylbenzene -0.43741   
Tetradecane A -0.54955 o-Xylene blank corrected -0.45944   
o-Xylene -0.55561 Butane, 2,2,3,3-tetramethyl- -0.4921   
Butane, 2,2,3,3-tetramethyl- -0.57525 o-Cymene -0.55037   
Ethylbenzene -0.57927 Tridecane B -0.62261   
4-Nonene -0.59347 Acetic acid, 2-ethylhexyl ester -0.70965   
Benzene, 1-ethyl-3-methyl- -0.64062 C182 -0.79558   
C181 -0.64872     
Acetic acid, 2-ethylhexyl 
ester 2-ethylhexyl acetate 
-0.6984     
Benzene, 1-methyl-3-1-
methylethyl- A 
-0.71791     
 
7.6 Internal standard. Quantitative standards 
Table 7-2. Standard curves of the potential quantitative markers for lipid degradation related to rancidity. Measure by head space 
analysis with GCxMS-TOF. 
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